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Abstract 

Carbon Nanotube/Polymer Composites: Kinetics, 

Stability and Applications in Biofuel Cells and Sensors 

 

By William Cheung 

 

Thesis Director:  

Professor Huixin He 

 

It is well known that carbon nanotubes (CNT) exhibit remarkable electrical, 

mechanical and optical properties. In addition, conducting polymers have also 

been used for molecular sensors, electronic energy generation and storage 

devices due to their interesting electronic and electrochemical properties. In an 

effort to synergistically combine the advantages of both materials, conducting 

CNT/polymer composites have been fabricated. However, due to the highly 

hydrophobic surface and their strong intertube interactions, it is necessary to 

properly modify the carbon nanotube surface either covalently or non-covalently 

to prevent them from forming bundles and disperse them into solutions or 

polymer matrices to fabricate genuine polymer/CNT composites.  

Blending pre-formed polymers with carbon nanotubes has been 

demonstrated to be the most straightforward approach to fabricate carbon 

nanotube composites. However, recent studies in our group have demonstrated 

that in-situ polymerization of the respective monomers in the presence of 
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dispersed and functionalized carbon nanotubes could form conducting 

polymer/CNT composites with much more enhanced functions. Different surface 

modification imparts carbon nanotubes with different electronic structures and 

surface chemistries. This can greatly impact the monomer/CNT interaction, and 

therefore influence the polymerization process and the CNT/polymer interaction 

after polymerization.  

Extensive studies reported have shown that the enhanced functions of a 

composite are largely determined by the interactions between the polymer and 

the CNTs. Studies on the impact of electronic structure and surface chemistry on 

the monomer/CNT interaction and its subsequent effect on the polymerization 

kinetics as well as the quality of the formed composites are limited. These 

studies are essential for developing more efficient and green fabrication 

approaches of high quality composites with enhanced functions. 

In this thesis, we will also systematically study how the surface chemistry 

and electronic structures of carbon nanotubes influence the electronic 

performance of carbon nanotube/conducting polymer composites and their 

stabilizing effect against UV degradation. The knowledge learned from these 

fundamental studies will be used to fabricate highly conductive and stable 

composites for constructing efficient biofuel cells. Along the same line, we will 

also study how the electronic structures of carbon nanotubes influence the 

development of sensitive and selective molecular detection devices.  
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Chapter 1 will be a general introduction to carbon nanotubes, their 

structure, properties, and surface chemistry. Conducting polymers such as 

polyaniline and their properties will also be introduced. The available approaches 

to fabricate conducting polymer/CNT composites, their application for biofuel 

cells, and the current issues of biofuel cells will be summarized. In this chapter 

electrical and optical approaches for molecule detections based on carbon 

nanotubes are also elaborated.   

The aim of Chapter 2 is to systematically study how the electronic 

structure and surface chemistry of carbon nanotubes influence the kinetics of 

ABA polymerization. The electronic properties of CNTs will be altered through 

surface modification using double stranded DNA and single stranded DNA with 

different sequences. After surface modification, their effect on the polymerization 

process and the formed composites will be studied.  

Chapter 3 will be focused on a detailed study of the stabilizing effects that 

carbon nanotubes have in self doped polyaniline composites. CNTs have been 

shown to mitigate the environmental degradation effects imposed on conducting 

polymers. This study is important for developing stable devices such as biofuel 

cells using conducting polymer composites. In this work, a new stabilization 

mechanism against UV irradiation will also be proposed.  

Slow electron transfer rate is a fundamental problem that exists in 

biosensors and biological fuel cells. This is usually due to the lack or inefficient 

direct electron transfer between redox enzymes and the electrode support. 
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Chapter 4 applies the knowledge gained from chapters 2 and 3 to modify an 

electrode surface with highly conductive CNT/polymer composites to construct 

an efficient anode for a biofuel cell. Optimization was performed to realize direct 

electron transfer between the redox center of glucose oxidase and the electrode 

surface with a dramatic enhancement in electron transfer rate and glucose 

oxidation efficiency. Furthermore, the enzyme will be reconstructed onto the 

surface of the electrode in different orientations and their electrobiocatalytic 

oxidation of glucose will be studied.  

In Chapter 5, the strong plasmon absorption of single walled carbon 

nanotubes (SWNTs) was explored to develop a new sensing platform for metallic 

ions. Compared to previously reported electronic and NIR fluorescence detection 

approaches, the new sensing platform can reach the same or better detection 

sensitivity and detection limits simply by using UV absorption spectroscopy. The 

detection sensitivity was studied using modified SWNTs with different electronic 

structures. The detection selectivity is realized by modifying the surface of 

SWNTs with molecular ligands with high specificity for metal ions. As a 

demonstration, the new method is applied to selectively detect iron ions (Fe3+) in 

aqueous solution. Fe3+ was chosen because it is an essential element for the 

growth and metabolism of all marine organisms. Therefore the ability to 

selectively and sensitively detection Fe3+ is critical to study of carbon 

sequestration in the ocean and consequently climate change.  

Chapter 6 is a preliminary study on how the electronic structures of 

SWNTs can influence its Raman scattering properties, which in turn influence 
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their sensitivity for the detection of cancer cells and their capability to destroy 

them using NIR light radiation.  
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Chapter 1 

Introduction 

 

1.1 Carbon Nanomaterials 

 Carbon is one of the most abundant elements found on Earth and has 

been known for hundreds of years. Up until about 30 years ago, there were only 

three forms of carbon that existed in nature: diamond, graphite, and amorphous 

carbon [1-2]. Due to their unique atomic orbital hybridization, carbon can form 

different types of bonds leading to these various structural forms. Although they 

are all allotropes of carbon and they differ only in the arrangement of atoms in its 

crystal lattice, their properties are very different. Diamond is known to be 

transparent, one of the hardest substance in the world, and an excellent insulator 

whereas graphite is opaque, used as pencil lead for its softness, and used in 

electrical cells for their high conductivity [3].  

 Research in the field of carbon nanostructure materials have been of great 

interest since the discovery of fullerenes in 1985 [4], carbon nanotubes in 

1991[5], and graphene in 2004 [6], and is still one of the most highly researched 

fields today. The interest is mainly due to their nanoscale properties which are 

size dependent and are very different from that of their macroscale counterpart 

[7]. As materials decrease to the nanoscale, properties such as melting point, 

color, electrical conductivity, and chemical reactivity changes as a function of 
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particle size. As a classic example, bulk gold is known to have a yellowish color 

and is stable in air. However, as we approach the nanoscale, gold nanoparticles 

are red in color and are highly reactive unless stabilized with surfactants. It is 

these unique and remarkable nanoscale properties that have made carbon 

nanomaterials attractive for many applications in different fields of science.  

 Another property of interest is the change in electronic properties as 

materials are reduced down to the nanoscale. For example, bulk diamond and 

graphite have different dimensions compared with the fullerenes, carbon 

nanotubes, and graphene. Fullerenes are considered 0-dimensional, carbon 

nanotubes are 1-dimensional, and graphene are 2-dimensional. The dimensions 

of a solid state material are extremely important because it affects its density of 

states, which in turn affects its band structure and its electronic properties [8]. 

Therefore, by changing the dimensions it can give rise to materials with different 

electronic properties which can be used in various applications. 

 

1.2 Carbon Nanotubes 

One of the most studied carbon nanomaterials today are carbon 

nanotubes. Their superior optical, thermal, mechanical, and electronic properties 

have been exploited for various applications. These applications include, but are 

not limited to, structural reinforcements for composite material, chemical sensing, 

and biological sensing.  
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Scheme 1.1: Schematic representation of (a) SWNT and (b) MWNT (specific 
case shown is double walled carbon nanotube). Image reproduced from ref. [10] 

 

Carbon nanotubes are well-ordered, all carbon hollow graphitic 

nanomaterials with very high aspect ratios. There are two different types of 

carbon nanotubes: single-walled carbon nanotubes (SWNT) and multi-walled 

carbon nanotubes (MWNT). SWNTs are usually several hundred nm to several 

µm in length and 0.4 – 2 nm in diameter [9] (Scheme 1.1). Similarly, MWNT 

lengths can also be several µm long but their diameters typically range from 2 to 

100nm. Conceptually, the structure of SWNTs can be viewed as “wrapping” a 

graphene sheet into a seamless hollow cylinder (graphene is a one-atom-thick 

planar sheet of sp2-bonded carbon atoms that are densely packed in a 

honeycomb crystal lattice). The structure of MWNTs can be pictured as several 
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co-axially arranged SWNTs of different radii with an inter-tube separation of 3.4 – 

3.5Å [9].  

There are a number of ways of rolling a graphene sheet to form a single-

walled carbon nanotube. The large number of ways to roll the graphene sheet 

provides a family of nanotubes with different diameters and chirality, which are 

significant in determining the physical properties of SWNTs [11]. The direction in 

which the tubes are rolled up is usually labeled in terms of the lattice vectors by a 

pair of indices (n, m) (Figure 1.1), where (n, m) = L = xa + yb. In this equation x 

and y denote the number of unit vectors (a and b) along two directions in the 

honeycomb crystal lattice of graphene and L is the chiral vector [12]. The 

diameter of the nanotube is related to the chiral vector by 

   
 

 
 
           

 
 

where d is the diameter of the nanotube and Ac is the carbon-carbon distance 

between two neighboring atoms. The chiral angle (ŋ) which determines the 

hexagonal network arrangement of the nanotube, and thus the chirality, is given 

by 

        
   

    
  

Depending on how the SWNTs are rolled up along the chiral vector they 

can be classified into three distinct classes. For a given (n,m), if m = 0 then the 
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SWNTs are known as zigzag nanotubes. If m = n then the SWNTs are armchair 

nanotubes, otherwise they are chiral nanotubes. The chiral vector can also be 

used to determine the electronic behaviors of the SWNTs. SWNTs are known to 

be either semiconducting or metallic. It has been shown that for a given (n, m), 

the nanotube is metallic if n = m or if n − m is a multiple of 3, otherwise the 

nanotube is semiconducting [11-18]. By varying the nanotube diameter and/or 

chiral angle, different types of nanotubes with various properties can be obtained. 

Since MWNTs are made up of concentric SWNTs, they are essentially metallic in 

nature due to inter-tube interactions [19].  

 

Figure 1.1: The unrolled honeycomb lattice of a carbon nanotube. ŋ is the chiral 
angle and L is the chiral vector. Image reproduced from ref. [20] 
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Carbon nanotubes display exceptional and unusual electrical, mechanical 

and optical properties because of their one dimensional structure. They have 

excellent electronic properties: metallic nanotubes can carry an electrical current 

density of 4 × 109 A/cm2, which is three orders of magnitude higher than a typical 

metal, such as copper or aluminum [21]. Individual semiconducting SWNTs are 

known to possess an extremely high carrier mobility of 10,000 cm2/Vs at room 

temperature, and can be operated at high frequencies (2.6 GHz). These values 

exceed those for all known semiconductors, such as silicon [22], which bodes 

well for application of nanotubes in high-speed transistors, single- and few-

electron memories, and chemical/ biochemical sensors [23-24]. Moreover, they 

are flexible owing to their small diameter. SWNTs are therefore also an ideal 

candidate material for high-performance, high-power, and flexible electronics [25-

26]. They are also the strongest and stiffest materials discovered in terms of 

tensile strength and elastic modulus, respectively. The Young's modulus is over 1 

Tera Pascal; it is stiff as diamond and the estimated tensile strength is 200 Giga 

Pascal [27]. The strength results from the covalent sp² bonds formed between 

the individual carbon atoms and these properties are ideal for reinforced 

composites [28-31] and nanoelectromechanical systems (NEMS) [32]. 

Furthermore, the heat transmission capacity of individual CNTs at room 

temperature has been shown to exceed 3000 Wm-1K-1, which is greater than that 

of natural diamond, and are excellent for thermal management [33]. Equally 

important, both SWNTs and MWNTs are now produced in substantial quantities 

making them highly attractive for these commercial applications. 
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1.3 Surface Engineering of Carbon Nanotubes 

 Like diamond and graphite, carbon nanotubes are hydrophobic in nature 

and in order to exploit their unique properties, it is necessary to modify them. A 

unique feature of carbon nanotubes is that every atom is at its surface and 

therefore surface chemistry or modification is expected to be critical and can 

affect their properties [34-36].  Surface modification of carbon nanotubes have 

been used to solubilize them in different media [34, 36], self assembled them on 

different types of surfaces for certain applications [35], and for sensing 

applications [35, 37].  

  There are two approaches to functionalize the surface of carbon 

nanotubes. Based on the mechanism of attachment to the surface, they can be 

covalently or noncovalently functionalized. In covalent surface functionalization, 

functional groups are attached to either the sidewalls, nanotube ends, or at 

defect sites [38-39]. This can be accomplished by a variety of ways. Ros et al. 

[40] have shown that effective modification can be achieved by surface oxidation 

of carbon nanotubes by a mixture of concentrated nitric and sulfuric acid. This 

method creates oxygen containing groups such as aldehydes, ketones, 

carboxylic acids, epoxides, and alcohols on the defect sites [40] which can be 

used for further modification for different applications. Surface modification of 

carbon nanotubes can also be accomplished by fluorination and subsequent 

derivatization [41]. Figure 1.2 shows the many pathways carbon nanotubes can 

be covalently functionalized. 
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Figure 1.2: Scheme showing different ways of covalently functionalizing carbon 
nanotubes. Image reproduced from ref. [39] 
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Noncovalent functionalization of the carbon nanotube surface is also 

possible. Examples of noncovalent functionalization of carbon nanotubes include 

“wrapping” of linear water soluble polymers around its surface [39]. In this 

method, the polymer helps solubilize the carbon nanotubes in aqueous solution 

and also prevents the carbon nanotube from aggregration. In a similar manner, 

single stranded DNA have also been used to modify the carbon nanotube 

surface [42]. The nucelobases form  -stacking interactions with the carbon 

nanotube surface while the hydrophilic phosphates groups on the DNA are 

exposed to the aqueous solution [42]. One of the main advantages of 

noncovalent functionalization compared with covalent functionalization is the 

preservation of the carbon nanotube electronic structure by avoiding the 

disruption of the sp2 hybridized structure and its conjugation.  

 

1.4 Conjugated Conducting Polymers 

Up until 40 years ago, all polymers that were developed had high electrical 

resistance and were mainly used as insulating material. It was not until the 1970s 

that polyacetylene was shown to exhibit a dramatic increase in electrical 

conductivity upon a process called doping. Normally polyacetylene is resistive 

but when doped with iodine vapor, the conductivity was shown to increase by 12 

orders of magnitude [43]. This increase in conductivity was attributed to charge 

carriers formed by charge transfer from the acetylene chain (donor) to iodine 

(acceptor). The charge carriers were allowed to freely move along the polymer 
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chain, leading to its metallic-like behavior. This discovery launched a new field of 

research and a new class of material which are highly attractive due to their 

processability, high conductivity, low cost, flexibility, and nontoxicity [44]. Figure 

1.3 shows the structures of some of these types of polymers. 

 

Figure 1.3: Structures of various conjugated polymers.  

 

 The intrinsic conductive nature of polymers like polyacetylene originates 

from the overlapping p orbitals of the conjugated system. This causes electrons 

to delocalize along the conjugated chain of the polymer. However, the 

conjugated polymer itself is normally not conductive. In order for it to be 
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conductive, electrons must be either added (reduction, n-type doping) or 

removed (oxidation, p-type doping) from the polymer chain. This process is 

called doping. Depending on the doping degree and the dopant, dramatic 

changes to the conducting polymer’s properties can be induced. The conductivity 

of conjugated polymers can be controlled from the undoped insulating form to a 

fully doped highly conducting form. Conducting polymers have been shown to 

have conductivities ranging from <10-7 S/cm to as high as 105 S/cm [45].  

Figure 1.4: Various applications of conducting polymers 
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 Due to their interesting properties conducting polymers have potential 

applications in electronic devices, sensors, and biosensors [45]. Some of these 

applications can be seen in Figure 1.4. Some of the most studied conducting 

polymers include polypyrrole, polythiphene, poly (3,4 ethylenedioxythiophene), 

and polyaniline due to their high conductivities and relatively good stability. 

 

1.5 Polyaniline 

 

 

Figure 1.5: General structure of polyaniline 

Since its discovery as a conducting polymer, polyaniline has been 

intensely researched due to its ease of synthesis, its relatively high conductivity 

(102 S/cm) [46], and interesting properties. The structure of polyaniline is made 

up of a combination of benzenoid, quinoid, imine, and amine units (Figure 1.5). 

The benzenoid units are normally connected to amine units (which shall now be 

referred to as reduced unit) and the quinoid units to imine units (oxidized unit). 
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When oxidized, the “reduced units” are converted to the “oxidized units”. 

Therefore, by changing the ratio of “reduced units” to “oxidized units”, various 

oxidation states of polyaniline can be formed. From Figure 1.5, n and m 

represents the number of “reduced units” and “oxidized units” in the polymer 

chain, respectively. In addition n and m can only have values ranging from 0 to 1 

and must satisfy the equation n + m = 1. If m=0 and n=1, then no quinoid units 

are present in the polyaniline chain. Therefore the polymer is considered to be in 

the 100% reduced form and is called the leucoemeraldine base oxidation state. If 

m = 0.5 and n= 0,5, then the polymer is in the half oxidized and half reduced and 

is known as the emeraldine base oxidation state. If m = 1 and n = 0, the polymer 

is in the fully oxidized form and is known as the pernigraniline base oxidation 

state. It is possible that m and n have other values besides the ones stated; 

however, the three oxidation states mentioned are the ones that are most 

studied. In the base form, all polyaniline oxidation states are nonconductive. The 

three polyaniline bases can be converted to their salt forms by protonation, 

however, studies have shown that only the protonation of the emeraldine base 

form to give the emeraldine salt oxidation state is conductive [47]. The different 

oxidation states of polyaniline are shown in Figure 1.6.  
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Figure 1.6: Different oxidation states of polyaniline 

Doping of emeraldine base can be accomplished by an oxidative 

approach or by proton doping [48]. Upon doping with acid, the imine units (pKa = 

5.5) of the emeraldine base are more susceptible to be protonated compared 

with amine units (pKa = 2.5) due to their basicity [49]. When both imines of the 

quinoid unit are protonated (Figure 1.7a), it forms a bipolaron charge carrier 

which is represented as two positive charges (Figure 1.7b). To stabilize the 

positive charges, polyaniline undergoes an internal redox reaction to form two 

separate polaron charge carriers (Figure 1.7c). Finally the two polaron charge 
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carriers travel along the conjugated polymer chain to further stabilize itself 

(Figure 1.7d).  

Oxidative doping of polyaniline can be explained in a similar context. 

Partial oxidation of the polymer chain causes the removal of an electron. This 

causes a polaron charge carrier to be formed on the polymer chain. When the 

polymer is oxidized again, another polaron charge carrier is formed. At this stage, 

the two polaron charges can either form a bipolaron or migrate along the polymer 

chain to stabilize itself. 

The unique properties of polyaniline have made it attractive for potential 

applications in various fields. The ability of polyaniline to exist in different 

oxidation states, which are all different in color, allows it to be used in 

electrochromic devices, toxic gas sensors, and for bacteria detection [50-52]. 

Their oxidation / reduction ability have been exploited in rechargeable batteries 

[53] and their doping/dedoping process have been used for gas, chemical, and 

pH sensors [54-56]. 
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Figure 1.7: Polaron charge carrier formation by acid doping 

 

1.6 Polyaniline Polymerization Mechanisms 

The polymerization of aniline to form polyaniline can be carried out 

chemically or electrochemically. In the chemical oxidative approach, aniline (ANI) 

is usually oxidized by an oxidizing agent such as ammonium persulfate in acidic 

conditions to form polyaniline (PANI). In the electrochemical approach, aniline is 

also oxidized in acidic conditions to form polyaniline. However, the difference is 
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that the oxidizing agent is either an applied constant current, constant potential, 

or a repetitive cycling between a certain potential range.  

 

Figure 1.8: Aniline polymerization mechanism using anilinium cation-radical as 
cationic initiator.  

 

Although it is generally accepted that ANI polymerization follows a cationic 

polymerization approach, the actual mechanism of forming the cationic initiator 

itself has been widely debated. One of the mechanisms that is accepted in 

literature for ANI polymerization in acidic medium is shown in Figure 1.8. As 

shown, the ANI monomer is first partially oxidized by a strong oxidant to form an 



18 
 

 
 

anilinium cation-radical initiator. This initiator further reacts with ANI monomers at 

the para position while transferring its charge until the polymer is produced. From 

basic organic chemistry, it is known that aniline is an ortho, para director. 

However, in order for the polymer to be highly conductive, the PANI chain must 

be linear, long, and highly conjugated. Thus in order for a highly conductive PANI 

to form, the ANI monomers must undergo continuous para coupling. 

 As opposed to the mechanism shown previously where the cationic 

initiator is an anilinium cation-radical, there have been other accounts where the 

cationic initiator is a phenazine-like structure formed from “mixed” oxidative 

coupling of ANI monomers [57-59]. Similar to the previous mechanism, the ANI 

monomer is also partially oxidized to form an anilinium molecule (Figure 1.9). 

However, the anilinium molecule formed undergoes ortho coupling rather than 

para coupling as shown in the previous case (Figure 1.8). After the dimer (A) is 

formed, the third monomer undergoes para coupling to form a trimeric structure 

(B). Upon further oxidative coupling, a N-phenylphenazine (C) structural unit is 

formed. This phenazine-like molecule has been detected during the 

polymerization of ANI by various groups using electrochemistry [60], Raman 

spectroscopy [61], mass spectrometry [62], FTIR spectroscopy [62], and NMR 

studies [63]. However, its role during polymerization has been a subject of 

debate. Some attribute the N-phenylphenazine molecule as an initiation point for 

polymerization [58-59] while others attributed it as a degradation product from 

overoxidation [60].  
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Notice at this point, the phenazine-like molecule (C) is uncharged and thus 

cannot undergo cationic polymerization. The introduction of an additional ANI 

monomer, however, causes the whole structure to adopt a positive charge and 

thus creates the cationic initiator that is necessary for cationic polymerization. 

The positive charge is formed by protonation of the primary amine unit after 

reaction of N-phenylphenazine unit with an ANI monomer. The formation of this 

cationic initiator (D) is an extremely slow process and is the rate limiting step due 

to the fact that the N-phenylphenazine molecule (C) is fairly stable by itself. Once 

the cationic initiator is formed, every subsequent ANI monomer will undergo para 

coupling to maximize electron delocalization of the positive charge in the polymer 

chain structure. Therefore, after the cationic initiator is formed, the polymer chain 

starts to grow at a dramatic rate since the monomers will only add to the para 

position to form the most stable structure possible. As shown in the figure, highly 

conductive polyaniline (E) is produced once the N-phenylphenazine type cationic 

initiator is formed. 
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Figure 1.9: Aniline polymerization mechanism using an N-phenylphenazine type 
structural unit as cationic initiator. Ani in the figure represents an aniline 
monomer and R represents B(OH)2 (a boronic acid group) 

 

 Although both mechanisms are used in literature, the second mechanism 

that uses the N-phenylphenazine type cationic initiator will be used as the 

general polymerization mechanism in this thesis. Based on various reports on 

ANI polymerization, the process normally begins slowly, followed by a dramatic 

rate increase [58, 64-67]. In the first mechanism, the monomers are added 

consecutively in a para linked fashion and kinetically it is difficult to explain why 

the rate of adding the first monomer to form the dimer is different from adding the 
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other monomers to form the polymer. In the second mechanism, however, a 

trimeric fragment is first formed followed by a long linear PANI chain. The 

formation of the N-phenylphenazine fragment can be associated with the slow 

process and the formation of the long linear PANI chain by cationic 

polymerization can be associated with the dramatic rate increase. 

 

1.7 Self-Doped Polyaniline 

 Although polyaniline shows numerous advantages, its poor solubility in 

various solvents and its limited pH range (acidic media) prevents it from use in 

many biological applications. This problem was solved by the discovery of self-

doped polyaniline in 1990 [68]. The self-doping nature is due to the negatively 

charged ionizable functional groups attached along the polyaniline backbone. 

The negatively charged functional groups (i.e. boronic acid, sulfonic acid) act as 

intramolecular dopant anions that help stabilize the positive charge induced by 

protonation of the imines. In the acid doped polyaniline case, anions in solution 

are usually used to help stabilize the positive charge from the protonation of 

imines. The self doping nature imparts additional interesting properties to the 

polyaniline. It has been shown that self-doped polyaniline is electrochemically 

active in a wide pH range up to very basic conditions (pH 12), whereas native 

polyaniline is active only at pH < 4 [69]. In addition, the functional groups 

increase the solubility of polyaniline making them useable for different 

applications. 
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1.8 Carbon Nanotube Composites 

1.8.1. Polymerization Kinetics  

  Tremendous efforts have been made to prepare conducting carbon 

nanotube polymer composites (CNT/polymer) with an aim to synergistically 

combine the merits of each individual component [5, 70-74]. The easiest and 

most straightforward approach to fabricate a carbon nanotube composite is to 

mix a preformed polymer with carbon nanotubes. However, our recent works 

demonstrated that this simple mixing approach might not fully and synergistically 

combine the merits of the carbon nanotubes and conducting polymers. By 

following the dispersion recipes developed by Zheng et al [42, 75] we dispersed 

SWNTs into water solutions. As a result, single stranded DNA (30T) 

functionalized single walled carbon nanotubes (ss-DNA/SWNTs) were obtained. 

By in-situ polymerization of 3-aminophenylboronic acid (ABA) monomers in the 

presence of the ss-DNA/SWNTs, we fabricated a water soluble and highly 

conductive self-doped polyaniline/SWNT composite [76]. We found that the ss-

DNA/SWNTs acted as molecular templates, facilitating head-to-tail coupling 

during polymer growth [77], which results in PABA with long conjugated length 

and high conductivity. More interesting, we found the polymerization speed was 

dramatically increased (up to 4500 times faster) and the polymerization also 

required less oxidant, indicating that a much faster and “greener” polymerization 

approach can be developed for the production of conducting polymer 
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nanocomposites. In addition, we found that these advantages cannot be obtained 

using in situ polymerization with preoxidized ssDNA-SWNTs. These results 

indicated that in situ polymerization of the respective monomers in the presence 

of carbon nanotubes could form a genuine polymer/CNT composite with much 

more enhanced features compared to the “post mixing” approaches [71, 73, 78]. 

However, the enhancement would highly depend on the electronic structures of 

the carbon nanotubes and the monomer-nanotube interaction during 

polymerization, which greatly influence the kinetics of nanocomposite fabrication 

and the electronic performance of the resulting composites.  

Furthermore, in-situ polymerization requires predispersing the carbon 

nanotubes into solution. Different dispersion approaches have been reported, 

such as polymer wrapping, just as single stranded DNA we used [42], or 

noncovalent adhesion of molecules [79], and acidic oxidation [80]. All these 

different approaches and even different molecules used in the same approach 

will impart different surface chemistries and electronic structures to the carbon 

nanotubes. The impact of different surface chemistry and electronic structure of 

the carbon nanotubes on the kinetics of the nanocomposite fabrication and the 

quality of the obtained composite has not been systematically studied. These 

studies are both fundamentally and practically important, which is one of the 

study objectives of this thesis. In this thesis, we will exploit the important 

chemical features of nucleic acid biopolymers to reach this aim. The advances in 

DNA technology allow the construction of various types of base sequences. Not 

only has DNA been used to efficiently disperse SWNTs into water solutions [42], 
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it has also been explored for separation of carbon nanotubes [42, 81]. Recently, 

Napier et al. [82] reported that DNA dispersed carbon nanotubes with different G 

nucleobase have different electrocatalytic ability in the electrochemistry of 

Ru(bpy)3
2+complex. The authors ascribed this difference to the reductive ability of 

the G sequence. In this thesis, we will use DNA with different sequences, 

especially DNA with G nucleobase, to disperse and functionalize SWNTs and 

MWNTs to systematically study how the electronic structures and surface 

chemistry of carbon nanotubes impact the in situ polymerization kinetics and the 

quality of the formed composites.   

 

1.8.2. Stabilization of polymers from degradation 

Short lifetime has been a thorny problem for devices consisting of organic 

polymeric materials. One of the important reasons is the degradation of the 

polymers exposed to UV light from the sun. Recently, it was found the carbon 

nanotubes not only enhance the conductivity and mechanical performance of the 

composites, it also shows great oxygen radical scavenging capabilities [83], 

therefore they can be used as antioxidants to stabilize polymers [84]. The 

antioxidant effect was mainly attributed to the strong electron affinity of the 

carbon nanotubes. As we described earlier, different dispersing approaches 

results in carbon nanotubes with different electronic properties and surface 

chemistries. Therefore, their electron affinity would also be different. Because of 

this, it is of academic interest and practical importance to study how to optimize 
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the anti-degradation effects of carbon nanotubes. This study would lead to the 

formation of stable composite materials for developing devices with longer life 

spans and thus commercial value.  

 

1.9 Enzymatic Biofuel Cells 

Biological fuel cells are energy conversion devices that convert chemical 

energy into electrical energy using biological processes [85]. In biofuel cells, the 

fuel and the catalyst used are all biological material. The fuel used is normally 

methanol, glucose, or organic acids, which are all renewable and can be 

produced by biological processes. Consequently, intense research has been 

focused on studying biofuel cells for their potential application in energy 

production.  

1.9.1. Types of biofuel cells 

 There are two different types of biofuel cells: microbial and enzymatic. The 

difference between microbial and enzymatic biofuel cells is that microbial biofuel 

cells use whole micro-organisms rather than enzymes as the catalyst [85-87]. 

Theoretically, microbial biofuel cells should have unlimited lifetime as long as a 

fuel is supplied since it is based on living micro-organisms. Enzymatic biofuel 

cells, however, have limited lifetimes due to their instability. In addition, extraction 

of enzymes is much more expensive than maintaining a culture of bacteria or 

other micro-organisms. The power density achieved from microbial biofuel cells, 
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however, is normally lower than that of enzymatic biofuel cells due to their 

resistance to mass transfer across the cell membranes [87]. Furthermore, 

microbial biofuel cells are not selective; therefore it can react with any fuel that is 

introduced. Even though enzymatic biofuel cells have lower stability and are 

more expensive than microbial biofuel cells, their high specificity and high power 

density (which can be achieved using electrical wiring and immobilization 

techniques) makes them highly attractive as biocatalysts in biofuel cells. 

1.9.2. Types of enzymes used in enzymatic biofuel cells 

 The biocatalytic reaction occurs at the active site which is located within 

the enzymes. Depending on where the active site is located, enzymes can be 

divided into three categories: 1) active sites with reversibly bound coenzymes, 2) 

active sites located near the surface of the enzymes, and 3) active sites buried 

deep within the enzymes. An example of a reversibly bound coenzyme is 

nicotinamide adenine dinucleotide (NADH/NAD+). It can diffuse out and facilitate 

electron transfer by acting as a mediator [86-87]. Enzymes that have their active 

site located near the surface include certain peroxidases [88]. Since the active 

site is located near the surface, orienting the enzyme for immobilization to the 

electrode is crucial. Enzymes with their active site buried inside the protein shell 

have very slow electron transfer rates. An example of this is flavin adenine 

dinucleotide (FAD), which normally would require redox mediators that can 
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diffuse into the enzyme to facilitate electron transfer. Figure 1.10 shows the 

different types of enzymes described. 

 

Figure 1.10: Different types of enzymes used ad biofuel cell catalysts. (a) 
Weakly bound coenzymes, (b) active site located near surface, and (c) active site 
buried inside enzyme. Image reproduced from ref. [86] 

 

1.9.3. Electron transfer pathways 

Energy generation in biofuel cells usually involves electrons produced from 

biocatalysis between the active site and the substrate. In an enzymatic biofuel 

cell, a redox process occurs when a substrate binds with the active site of the 

(a) 

(b) 

(c) 
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enzyme. The electron gained from the redox process is transferred from the 

active site to the electrode. These electrons are transferred to the electrode 

surface by two different mechanisms depending on the electrode setup (Figure 

1.11). In mediated electron transfer (MET) process the enzyme is not directly 

attached to the surface of the electrode. Therefore redox mediators are 

necessary for electron transfer from the active site to the electrode. In the direct 

electron transfer process, the enzymes are attached to the electrode such that 

the active site is as close to the surface of the electrode as possible. The 

electrons formed during biocatalysis are then directly transferred to the electrode 

surface. Direct electron transfer (DET) only can occur for weakly bound active 

sites and active sites located at the surface. DET is normally not seen in 

enzymes with buried active sites; however, there are ways to systematically 

immobilize the enzyme to achieve DET. This will be explained in a later section. 
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Figure 1.11: Electron transfer mechanism in biofuel cells. (a) Mediated electron 
transfer using redox mediators (b) Direct electron transfer from active site of 
enzyme to electrode surface. Image reproduced from ref. [89] 

 

1.9.4. Biofuel cell applications and problems 

 Currently, proton exchange membrane (PEM) fuel cells are commercially 

available and one of the most highly researched fields in fuel cell technology. 

Biofuel cells that use glucose as the fuel is highly attractive and promising for 

implantable devices or sensors since glucose is found in relatively high 

concentrations in the blood stream [85-86]. Biofuel cells are also highly attractive 

for wastewater treatment. It has been shown that microbial biofuel cells can help 

remove pollutants from wastewater by a bioremediation method [90]. 

(b) 

(a) 
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Unlike certain PEM fuel cells that use hydrogen as a fuel, biofuel cells do 

not have any problems with fuel storage. Theoretically, concentrated glucose has 

a high energy density and up to 6 kWhr of electricity can be obtained upon 

complete oxidation [91]. However, the maximum power density achieved 

currently is 1 mW/cm2 [92], which is three orders less than that of a typical PEM 

fuel cell [93]. The main problems associated with biofuel cells include 

immobilization of the biocatalysts, enzyme stability, mass transfer, and power 

density [94].  

1.9.4.1. Enzyme stability 

 Most enzymatic biofuel cells are only stable for a few days. There are 

many factors that can limit the lifetime of enzymatic biofuel cells. In most cases, 

the stability of the biocatalysts determines the lifetime. In MET enzymatic biofuel 

cells the redox mediators can also limit the lifetime of the biofuel cell [95-96]. To 

avoid this problem, enzymes are normally immobilized on the electrodes surface. 

Immobilization of the enzyme can help extend its lifetime [97-99]. Biofuel cells 

with glucose oxidase and bilirubin oxidase immobilized with a redox polymer was 

shown to be stable for up to 20 days. 

1.9.4.2. Mass Transfer 

Similar to chemical fuel cells, biofuel efficiency is also limited by mass 

transfer. In biofuel cells there are three types of mass transfer that can reduce 

the efficiency [94]. The three mass transfer resistances are: 1) in MET, the 
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resistance from the diffusion of the redox mediators from the biocatalysts to the 

electrodes and in DET, the resistance from electron transfer from the active site 

to the electrode. 2) proton transfer from the anode to cathode through the 

membrane. 3) diffusion of the fuels or oxidant to the active site of the catalysts. 

Immobilization of enzymes is normally used to avoid the problem associated with 

mass transfer resistance from redox mediators. 

 

1.9.4.3. Enzyme immobilization and power density 

Enzyme immobilization is important for several reasons. First, it allows the 

repeated use of the catalysts. The electrode can be washed and then reused. 

Second, and arguably the most important, it facilitates DET between the active 

site and the electrode. The close contact of the active to the electrode surface is 

vital for DET. As the distance between the active site and the electrode 

increases, the resistance is increased, resulting in a lower electron transfer rate 

and a slower overall reaction. In this case, the rate determining step would be the 

electron conduction. If the active is very close to the electrode surface, then the 

enzymatic reaction kinetics becomes the rate determining step. However, in 

many cases the insulating protein shell of the enzyme causes slow DET. There 

have been a number of reports on increasing DET by immobilizing enzymes on 

CNTs or in polymer matrices [100-103]. To increase the DET rate of the 

biocatalytic oxidation of glucose, glucose oxidase has been directly immobilized 

onto the surface of CNTs [100]. It was found that the immobilization of glucose 
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oxidase directly on CNTs facilitated the DET. It was also found that the DET of 

glucose oxidase was a two electron transfer coupled with a two proton transfer 

process. The rate constant was found to be ~1.53s-1, which is quite low. It was 

also shown that enzymes such as NAD+ dehydrogenases can be immobilized by 

trapping it in a nafion polymeric matrix [102]. Using this method, power densities 

as high as 2.04 mW/cm2 were obtained. These electron transfer rates and power 

densities using polymers and carbon nanotubes are fairly low and it is possibly 

due to their low conductivity and large contact resistance, respectively. It has 

been reported that the formation of conducting carbon nanotube polymer 

composites can increase the conductivity dramatically [28-29, 104]. The 

immobilization of enzymes on conducting carbon nanotube polymer composites 

would theoretically reduce the resistance and possibly increase the electron 

transfer rate. The use of conducting carbon nanotubes composites for biofuel 

cells, however, has not been reported. Furthermore, enzymes can also be 

immobilized onto the surface using a reconstitution approach [105]. 

Reconstitution of the enzyme involves separating the embedded redox cofactor 

from the enzyme and immobilizing the cofactor onto the electrode first. After the 

immobilization of the cofactor, it is attached back to the apo-enzyme. This 

approach physically places the active site in close contact with the electrode 

surface, facilitating DET and increasing electron transfer rate. 

 Based on the all this, the main focus will be on improving the direct 

electron transfer rate from the active site to the electrode surface and the overall 
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reaction rate of the anode in a biofuel cell using conducting carbon nanotube 

polymer composites. In addition, the orientation of the enzyme immobilized on 

the electrode surface by a reconstitution approach will be studied. 

. 

1.10 Carbon nanotubes for Molecular Detection  

1.10.1. Electronic and optical detection 

  Inspired by its remarkable electronic and optical properties SWNTs have 

been used to develop molecular sensing devices. One widely studied device is 

based on field effect transistors (FETs), in which individual SWNTs are used as 

the active channel. The device development has revolutionized our ability to 

detect single molecules [35]. The detection mechanism for the high sensitivity is 

the extremely sensitive modulation of the electrical conductance of a 

semiconducting SWNT by electrostatic gating or doping through charge transfer 

between SWNTs and adsorbed molecules. However, devices using single 

nanotubes have the major flaw of irreproducibility due to challenges in 

assembling individual tubes into the required positions with atomic level precision 

[106].  

  Another difficulty is the careful separation of semiconducting tubes from 

the metallic ones since most of the current SWNT fabrication techniques 

produces a mixture of metallic and semiconducting nanotubes [106-107], while 

only semiconducting nanotubes exhibit a large conductance change in response 
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to electrostatic and chemical gating effects desired for chemical sensors [35, 

108-109]. SWNT networks have been explored as an alternative configuration to 

solve this problem [110-111]. SWNT networks can be mass produced, and done 

so at low cost and high efficiency, ideal for practical applications [112-115]. The 

devices based on SWNT networks exhibit reproducible characteristics because 

the electronic properties of the network are averaged over a large number of 

nanotubes [116-117]. However, the relative simplicity comes with a loss in 

detection sensitivity due to the co-existence of both semiconducting and metallic 

nanotubes in the network.  

  Carbon nanotubes have also been intensively explored to develop optical 

based sensing approaches for biological in vitro and in vivo molecular sensing 

and imaging applications in recent years due to their unique properties [118]. 

Specifically, SWNTs absorb and emit strongly in the near infrared (NIR), where 

human tissues and biological fluids are transparent. Furthermore, their NIR 

emission is highly sensitive to changes in the local dielectric environment but 

remains stable to permanent photo-bleaching for prolonged molecular detection 

with single molecular sensitivity. Once again, separation of semiconductor tubes 

and metallic tubes is required because the existence of metallic tubes would 

quench the NIR fluorescence of SWNTs, resulting in significant decrease in 

detection sensitivity.  
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On the other hand, all carbon nanomaterials including carbon nanotubes, 

graphite, graphene, even amorphous carbon exhibit extremely strong plasmon 

absorption in the ultraviolent region. This strong absorption has been studied as 

undesired optical background for the visible and NIR absorption based 

applications. In this thesis, we will report our exploration of this abnormally strong 

plasmon absorption to develop a new sensing platform for metallic ions. 

Compared to the previous reported FET and NIR fluorescence approaches, the 

new sensing platform can reach the same or better detection sensitivity and 

detection limits simply by using UV absorption spectroscopy. It does not require 

any device fabrication and/or NIR resource, which are not accessible in a lot of 

labs. Most importantly, separation of semiconducting and metallic tubes is not 

required, simplifying the sensing development and application. Finally, detection 

selectivity can be realized by modifying the surface of SWNTs with molecular 

ligands for specific metal ions. As a demonstration, the new detection method is 

applied to selectively detect iron ions (Fe3+) in an aqueous solution. Fe3+ was 

chosen because it is an essential element for the growth and metabolism of all 

marine organisms. Therefore the ability to selectively and sensitively detect Fe3+ 

is critical to the study of carbon sequestration in the ocean and consequently 

global climate changes.  
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1.10.2. Raman Scattering of Carbon nanotubes for 
molecular detection and imaging 

Another unique optical property of carbon nanotubes which is highly 

attractive for molecular detection is their distinctive resonance-enhanced Raman 

signatures for Raman detection/imaging. Raman scattering spectra of SWNTs 

normally shows resonance enhanced Raman bands at 150-300 cm-1, 1590-1600 

cm-1, and ~ 2600 cm-1. The bands at 150-300 cm-1, called the radial breathing 

mode (RBM) vibration, is an out-of-plane phonon mode where the carbon atoms 

move in the radial direction. The RBM is a unique phonon mode of SWNTs which 

is a direct indication of the existence of SWNTs in a CNT sample. The RBM 

frequency is inversely proportional to the CNT diameter [119]. This phonon mode 

is normally used to determine and characterize the chirality of SWNTs [13-18]. 

However, it is normally not used for molecular sensing applications due to their 

relatively low signal intensity. 

The peak located at 1590-1600 cm-1 is the G-band, which originates from 

the tangential stretching mode of the carbon atoms in the nanotubes [14]. Due to 

the high intensity of this band, it is widely used for detection of SWNTs within 

cells and living animals with high sensitivity. Furthermore, its full-width half-

maximum (FWHM) is smaller than 2 nm, allowing for high degrees of multiplicity 

for simultaneous imaging with many colors [120-122]. In contrast to the NIR 

fluorescence, which is only emitted by semiconducting SWNTs, Raman 

scattering occurs for both metallic and semiconducting SWNTs. The scattering 
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exhibits resonance enhancement when incident light coincides with an optical 

transition of the nanotube, the Raman cross sections can reach 5.7  10 -21 cm2 

sr-1 molecule -1 for a 1 m nanotube excited at 785 nm, which is the highest 

known cross sections for single molecules. Due to the high Raman scattering 

cross-section of SWNTs and resonance enhancement at near IR absorption 

transitions, Raman scattering of nanotubes is easily detectable and 

unmistakable. Furthermore, it does not blink or quench and will not diminish 

under prolonged excitations. More importantly, the intensity of G band is 

relatively insensitive to the diameter and bundling of nanotubes. This is very 

different from it’s the RBM, which behaves similarly to the NIR fluorescence of 

SWNTs and is sensitive to nanotube bundling and dielectric coating on the 

surface of nanotubes [123-124]. In contrast to NIR fluorescence, the G band is 

also relatively insensitive to the type of noncovalent coatings and the solution 

environment of SWNTs. Due to all these advantages, Raman spectroscopy of 

SWNTs provide tremendous benefits for robust in vitro and in vivo imaging and 

sensing. 

Very recently, we constructed an anti-HER2 IgY – SWNT complex by 

chemically conjugating anti-HER2 IgY (chicken antibody with high specificity for 

HER2 expressing receptors) onto the surface of microwaved functionalized 

SWNTs [125]. The complex was shown to successfully detect and destroy 

HER2-expressing breast cancer cells in vitro. Raman spectroscopy was used to 

detect the specific binding of the IgY antibody moiety from the complex to the 
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HER2 receptor on the cancer cells. We demonstrated that single cancer cells can 

be detected and selectively eradicated while leaving the nearby normal cells 

unharmed. The major difference from previous reports is that internalization by 

cancer cells is not required in order to achieve the selective photothermal 

ablation, thus offering the advantage of being more easily extended to other 

cancer types. However, we found that Raman signal from the carbon nanotubes 

was very low compared with the cancer cell background. We attribute this weak 

signal to the microwave dispersed carbon nanotubes, which largely destroyed 

the conjugated structure of the CNTs. With this in mind, we have developed a 

new method for the construction of IgY HER2 antibody-functionalized SWNTs 

with the intrinsic properties of SWNTs largely preserved. The resultant IgY-

SWNT complex display improved optoelectronic properties for its application in 

the detection and selective destruction of breast cancer cells.  

 

1.11 Objective of Thesis 

 The main aim of the thesis is to provide a fundamental understanding of 

how the electronic structures and surface chemistry of carbon nanotubes 

influence the kinetics during a conducting polymer composite fabrication and 

stability after its fabrication. The knowledge gained from these studies will be 

applied to develop an efficient biofuel cell anode. Along the same line, we also 

study how the electronic structures of carbon nanotubes influence the 

development of sensitive and selective molecular detection devices. 
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Chapter 2 

DNA Functionalized SWNTs as Molecular 

Catalytic Templates: DNA Sequence 

Dependent Catalytic Efficacy 

 

2.1 Introduction 

Since their discovery, carbon nanotubes have been explored for their 

potential applications in various fields due to their highly remarkable electronic, 

mechanical, and optical properties. These properties arise from their unique 

electronic and atomic structures. Furthermore, they have been exploited for 

potential applications in nanoelectronics, energy storage, molecular sensing, and 

for reinforcing composite materials [1]. One of the unique features of carbon 

nanotubes is that every atom is located on its surface; hence it is not surprising 

that in recent years there has been much attention focused on molecular 

engineering of carbon nanotube surfaces (surface functionalization, 

solubilization) for the exploration and development of their properties and 

applications. 

The ability to manipulate the surface properties of carbon nanotubes is of 

crucial importance for their utilization in different applications. Surface 

modification can cause its electronic structure to change; therefore studying its 

surface properties can theoretically allow the control of its properties for various 
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purposes. For example, it has been shown that covalent side-wall modification of 

carbon nanotube surfaces can impact its electrical and mechanical properties [2]. 

This is especially important for the application of carbon nanotubes in reinforcing 

composite materials and for building electronic devices.  

Within the last decade, conducting polymers have also attracted 

considerable attention due to their unique combination of properties not 

displayed by any other known materials. Conducting polymers are used in a 

variety of applications including batteries, electrochromic displays, light-emitting 

diodes, printed circuit boards, sensors, and flexible electronics [3]. Although they 

offer various interesting properties such as high mechanical flexibility and tunable 

electronic properties [4], their conductivities are much lower compared with 

inorganic semiconductors such as silicon. It is well known that the  -conjugated 

system of a conducting polymer has a great impact on its electronic properties, 

and thus is responsible for its conductivity [5]. Consequently, abundant research 

has been conducted over the past decade focused on enhancing the 

conductivities of conducting polymers by improving their conjugation [6-7].  

Moreover, one of the most studied conducting polymers is polyaniline 

(PANI) due to its ease of synthesis, its electrochromic behavior, good stability, 

and high conductivity. In an effort to increase their electrical properties, 

researchers have focused on producing high molecular weight PANI and its 

derivatives by studying the aniline (ANI) polymerization reaction. Polymerization 

parameters such as the initial aniline monomer concentration [8-9], initial oxidant 
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concentration [8-9], solution pH [8, 10], reaction temperature [8-9, 11], and ANI 

monomer to oxidant ratio [9] have been studied along with their affect on the 

resulting polymer’s molecular weight, electronic structures, and molecular 

structures, all three of which contributes to the conductivity of PANI. For 

example, it was found that ANI polymerization at reduced temperatures (0⁰C or 

lower) yields PANI with higher conductivities, molecular weights (5-10 times 

higher), and viscosities [9, 11-13]. Conversely, ANI polymerization at room 

temperature produces PANI with low molecular weights and high defect sites 

[14]. Defect sites on the PANI backbone are defined as any structural 

deformation of the polyaniline linear chain that disrupts its conjugated structure 

such as chain branching, cross-linking, and oligomer formation.  

In an effort to further improve the conductivity as well as other properties, 

carbon nanotubes have been synergistically combined with various polymers to 

form polymer carbon nanotube composites [15-17]. In a recent study, we have 

discovered that poly(aniline boronic acid) (PABA), a derivative of PANI, 

polymerized in situ with ssDNA wrapped SWNT (ssDNA-SWNT) not only can 

increase the composite’s conductivity but also increases the polymerization rate 

by approximately 4500 times compared to that of pure PABA during the first 10 

minutes of polymerization [18]. This is highly attractive because it allows the 

production of highly conductive polymer/CNT composite materials in an efficient 

manner. Tzou et al. [19] have shown that adding different substrates into the 

reaction mixture can increase the polymerization rate and it is primarily due to an 
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increase in surface area where the polymer can be deposited. Although the 

surface area plays an important role in increasing the polymerization rate, other 

studies were carried out to determine factors that may also contribute to the rate 

of polymerization. Ma et al. [18] studied the interaction between the ssDNA–

SWNT and 3-aminophenylboronic acid (ABA) monomers, a derivative of ANI. It 

was concluded that a charge transfer complex is formed when electron deficient 

ABA monomers form  -stacking interactions with the electron rich carbon 

nanotube surface. This causes the ABA monomers to become electron rich, 

making it easier for it to be oxidized during the polymerization process, thus 

increasing its polymerization rate. In addition, carbon nanotube poly(aniline 

boronic acid) composite (CNT/PABA) have been shown to have conductivities of 

up to two orders of magnitude higher than that of pure PABA [20-22]. It is 

noteworthy to mention that in order to achieve these interesting properties, the 

ssDNA–SWNT must be polymerized in situ with the ABA monomers and not 

mixed separately after the PABA is formed [23]. 

Inspired by the dramatic increase in polymerization rate and conductivity 

by simply introducing ssDNA–SWNT into the reaction mixture, and with the goal 

of efficiently producing highly conductive PABA composites, we further 

investigated how ssDNA–SWNT contributes to this “catalytic behavior”. 

Specifically, in this chapter, we will study how different sequences of DNA 

(30T, 15GT) used to disperse the CNTs affect PABA formation. Essentially 

we hypothesize that the surface properties and the electronic structures of 
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the CNTs will be altered upon dispersion with the different DNA strands 

and therefore can influence how the PABA is formed. Catalytic effect of 

different types of DNA (ssDNA, dsDNA) and different types of CNTs (SWNT, 

MWNT) will also be mentioned. To the best of our knowledge, this is the first 

case where a detailed study of the manipulation of carbon nanotube surface 

properties has on the rate of ABA polymerization.  
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2.2 Results and Discussion  

 

2.2.1. Dispersion of carbon nanotubes 

The dispersion of CNTs has been intensely studied since they were 

discovered and efficient dispersion is vital for preserving the CNT’s superior 

properties. To study the effect that carbon nanotubes have on PABA formation, 

we first dispersed the carbon nanotubes into aqueous solution using a method 

proposed by Zheng et al. [24], which is described in the experimental section in 

detail. The SWNTs were dispersed with different types of DNA, namely, double 

stranded DNA (dsDNA), single stranded DNA with a 30T sequence 

(ssDNA(30T)), and single stranded DNA with a 15GT sequence (ssDNA(15GT)). 

The MWNT was dispersed with only ssDNA(30T). The aim of using these four 

differently dispersed CNTs (dsDNA–SWNT, ssDNA(30T)–SWNT, 

ssDNA(15GT)–SWNT, and ssDNA(30T)–MWNT) is to study various different 

combinations that can be formed which may impact the formation of PABA during 

the polymerization process. More specifically, we want to look at the four 

combinations to study the surface properties of the following three cases on ABA 

polymerization: MWNT compared with SWNT, ssDNA–SWNT compared with 

dsDNA–SWNT, and the affect of using different sequences of DNA dispersed 

CNTs. 
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After the dispersion process, the samples were purified and characterized 

using UV-Vis spectroscopy to ensure that individually dispersed SWNTs were 

present in solution. Characteristic absorption peaks are usually observed for 

individual SWNTs in the visible to near IR region due to van Hove singularities 

[25-26] and is normally considered a good qualitative indicator of individually 

dispersed SWNTs in solution. Furthermore, the presence of prominent peaks at 

the visible and near-IR region known as the van Hove singularities indicate that 

the aromatic surface of the SWNTs is not altered and its unique electronic 

properties are preserved. The van Hove singularities originate from optical 

transitions in the valence band of SWNTs. In contrast, bundled SWNTs cause 

significant broadening of the peaks and this is primarily due to the interactions 

between these bundled tubes, causing the van Hove singularities to be absent 

from the spectrum [27]. A representative UV-Vis spectrum of the DNA dispersed 

SWNT is shown in figure 2.1a. As illustrated in the figure, there is a large 

absorption band at ~260nm and a collection of absorption peaks from 400-

1300nm. The absorption band at 260nm is attributed to the  -plasmon band of 

SWNT and absorption of DNA on the SWNTs. The collection of absorption peaks 

from 400-1300nm is due to van Hove singularities of SWNTs with different 

chiralities and diameters [28-29]. 
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Figure 2.1: Typical UV-Visible spectrum of (a) DNA dispersed single-walled 
carbon nanotube (b) DNA dispersed multi-walled carbon nanotube. 

 

Unlike the case of DNA dispersed SWNTs, the absorption spectrum of 

individually dispersed MWNTs do not show the typical van Hove singularities 

(Figure 2.1b). This may be due to the coupling interactions between each 

adjacent concentric shell in the MWNTs [30-32]. Although there have been a 

number of studies on the optical transitions for isolated SWNTs, the effect of 

shell coupling on the optical transitions in MWNTs are quite complex and not fully 

understood [30-32]. 

 

2.2.2. Monolayer formation of ABA on CNT 

surface   

One important consideration is to ensure that the polymerization process 

studied is only from the polymer formed on the carbon nanotube surface and not 
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from free polymer formed in solution. Thus, it is essential to determine the 

concentration of ABA monomers (3-aminophenylboronic acid) required to fully 

cover the surface of the CNTs prior to polymerization. Based on previous studies, 

ABA monomers are expected to form charge transfer complexes with the CNT 

surface [18]. Upon forming the complex, the electron deficient ABA monomers 

are expected to withdraw electrons from the electron rich CNTs. Since the 

electronic structure of carbon nanotubes has been shown to be highly sensitive 

to charge transfer reactions [27, 33], UV-Vis-NIR spectroscopy can be utilized to 

determine the amount of ABA required to fully cover the CNT surface.  

Figure 2.2 shows the interaction of different concentrations of ABA 

monomers with a 70mg/L solution of ssDNA–SWNT. It is shown that as electrons 

are withdrawn from CNTs, absorption bleaching is observed at the near-IR range 

until 5mM of ABA is added to the CNT solution. This is consistent with previous 

reports where CNTs were shown to experience absorption bleaching at the near-

IR region after partial oxidation from dissolved oxygen [34-35]. At this point, the 

CNT surface is assumed to be fully covered with ABA monomers through   – 

stacking interactions. 
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Figure 2.2: UV-Vis-NIR spectrum showing interaction between 70mg/L 
ssDNA(30T)-SWNT solution with different concentrations of ABA monomers: 
0mM (black), 2mM (red), 4mM (magenta), 5mM (blue). 

 

2.2.3. Polymerization Kinetics of DNA–CNT/ABA 

 One approach that can be used to study the polymerization process is by 

monitoring the reaction and determining its kinetics. Understanding the kinetics of 

polymerization processes is of fundamental importance for efficiently producing 

polymeric materials for a wide variety of applications. A thorough comprehension 

of the kinetics can help explain the polymer formation mechanism that leads to 

the production of highly conductive polymer composite materials.  

Several groups have studied the kinetics of ANI polymerization using a 

wide range of techniques. Wei et al. [36] studied the rate of PANI formation 
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electrochemically by utilizing cyclic potential sweep techniques and determined 

that the rate of PANI formation at the electrode is correlated with the anodic peak 

current. This suggests that the rate can be monitored by increases in the anodic 

peak current. Using a different approach, Tzou and Gregory [19] studied the 

kinetics of chemical polymerization of ANI by monitoring the rate of ANI monomer 

depletion using gas chromatography. Recently, the kinetics of polymerization of 

an aniline derivative was also explored using UV-Visible spectroscopy by 

Sivakumar et al. [37]. Sivakumar studied polymer formation by monitoring its 

absorption increase, which is directly proportional to the concentration of polymer 

formed, according to the Beer’s Law.  

 

Figure 2.3: Typical UV-Visible spectra of ABA polymerization in the presence of 
DNA– CNT. The arrows indicate the increase and red shift of the emeraldine 
absorption peak 
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Using a similar process to Sivakumar et al. [37], we studied the effect of 

different DNA dispersed CNTs on the kinetics of ABA polymerization using UV-

Visible spectroscopy. After forming the ABA–SWNT charge transfer complex, 

ammonium persulfate (APS), a strong oxidizing agent, was added to the solution 

to initiate the polymerization reaction and the absorption spectra was taken at 

various time intervals (Figure 2.3). There are three absorption bands that are 

normally shown; the absorption at ~260nm due to the   –  * transition of aniline, 

DNA on the SWNTs, and possibly the  plasmon band of SWNTs [38-39], the 

absorption at ~390nm due to the polaron transition [38, 40-41] of polyaniline or to 

the quinone diimine structure of low molecular weight oligomers [42], and the 

absorption band at ~650nm which ultimately red-shifts to ~800nm (not shown in 

Figure 2.3) due to the bipolaron transition which can be associated with charge 

carriers in the polymer chain [38]. Thus, the increase of the absorption band at 

~650nm during polymerization can be used to monitor PABA formation and to 

study the kinetics of polymerization. The extinction coefficient of PABA at 

~650nm and ~800nm is approximately the same and the average is used for 

kinetic calculations. 

Moreover, there are several trends that are apparent from the 

polymerization of ABA in the presence of different DNA-CNTs shown in figure 

2.3. At the early stages of the polymerization reaction, the absorption band at 

~650nm is essentially absent; indicating that little or no polymer is formed. As the 

polymerization progresses, the polymer peak increases in intensity and shifts to 
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higher wavelength, suggesting an increase in the amount of polymer formed and 

an increase in polymer conjugation length. Eventually the absorption intensity will 

reach a maximum and begin to decrease, while continuing to shift to higher 

wavelengths. As we will see later, the red shift and decrease in intensity seen is 

most likely due to the reduction of the pernigraniline state of PABA to the 

emeraldine state. 

 

Figure 2.4: Kinetic profile of ABA polymerization in the presence of ssDNA–
MWNT (red), ssDNA(30T) –SWNT (cyan), ssDNA(15GT) –SWNT (blue), 
ssDNA(30T) (green), and no CNTs (pristine PABA, black) in acidic medium. In 

situ polymerization reaction was performed at 4⁰C 

 

To investigate the polymerization process of ABA with different DNA–

CNTs, the polymer absorption intensity was plotted as a function of 

polymerization time to obtain their kinetic profiles. The representative kinetic 

profiles for each of the polymerization process are shown in Figure 2.4. 

Experiments were performed at least 3 times for each curve shown and the 
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maximum difference in polymerization time for all curves was 7 mins, therefore 

this process is fairly reproducible. The polymerization of “pure” ABA (no DNA–

CNTs were added) and ssDNA(30T) (only the DNA strand is added and no 

CNTs) are also included as controls. As shown in the figure, ABA polymerized in 

the presence of any DNA–CNT results in a dramatic rate enhancement 

compared with pure ABA polymerization, which is consistent with previous 

reports [18, 20]. Furthermore, it is apparent that DNA by itself (green curve) can 

increase the polymerization rate, however unlike in the case of CNT dispersed 

with DNA; the rate enhancement is quite small. More surprisingly, however, is the 

fact that different sequence of DNA used to disperse the CNTs seems to affect 

the polymerization rate.  

In addition, it can be seen that the kinetic profiles for all polymerization 

studies are similar. Normally the kinetic profile for ABA polymerization can be 

divided into three separate regions or phases; the initiation, the autocatalytic 

(propagation), and termination stages. During the beginning and throughout most 

of the polymerization process, the absorption intensity is extremely low indicating 

that polymer formation during this initiation phase is slow. It is generally thought 

that the nucleation process occurs during this stage (formation of the N-

phenylphenazine type cationic initiator as shown in the polymerization 

mechanism in the introduction) and is the preparatory phase before the dramatic 

increase in polymerization rate during the autocatalytic stage. The rate constant 

for the initiation stage is represented as k1. As shown in Table 1, k1 is normally 
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very small. In Figure 2.4, the autocatalytic stage is represented by the 

remarkable increase in the polymerization rate and PABA formation. According to 

literature [18, 20, 36-37], the large increase in polymerization rate (shown in 

mechanism in the introduction as the stage where cationic polymerization occurs) 

is most likely due the catalytic effect from formed polyaniline. The formed 

polyaniline has a low oxidation potential compared with aniline oligomers and 

monomers in solution [43]. This specific characteristic of the formed polymer is 

important because the oxidant in solution will preferentially oxidize it compared 

with the oligomers and monomers. Furthermore, the oxidized polymer can be 

reduced by the oligomers and monomers resulting in an increase in oxidized 

monomers which can participate in the polymerization process. This 

characteristic is more prominent in the presence of CNTs since ABA can be 

stacked on the surface of CNTs creating a preconcentration effect [18]. The rate 

constant for the autocatalytic stage is represented as k2 and is normally very 

large compared with k1 due to the dramatic increase in polymerization speed 

compared to the initiation stage. The last stage of ABA polymerization is the 

termination stage. As the name suggests, this indicates the end of the 

polymerization process. This occurs if all the monomer or the oxidant is used up. 

As mentioned earlier, the formed polymer is preferentially oxidized compared 

with the oligomers and monomers due to its lower oxidation potential. This 

suggests that the PABA formed is normally in its fully oxidized pernigraniline 

state and this is evident from the appearance of the peak at ~600-700nm in the 

UV-Vis spectrum. As the polymerization process enters the termination stage, 
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either the ABA monomers or the APS oxidant is depleted. If the oxidant is 

depleted then the oxidized PABA will be reduced by the ABA monomers 

converting the PABA from the fully oxidized non-conductive pernigraniline state 

to the half oxidized conductive emeraldine state [43]. This is represented in the 

UV spectrum by the decrease in intensity at the 600-700nm region and the 

increase in intensity at the 700-800nm region. In addition, since the emeraldine 

state is energetically more stable and favored compared with the pernigraniline 

state in solution; a shift to longer wavelengths is expected. It is noteworthy to 

mention that in order to form the emeraldine state, the concentration of the 

monomer is in excess at the end of polymerization. If however, the oxidant 

concentration is in excess at the end of polymerization the polymer formed will 

remain in the fully oxidized pernigraniline state (Figure 2.5). Note that the use of 

very high concentrations of APS will cause the formation of oligomers rather than 

polymer (Figure 2.5). 
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Figure 2.5: UV-Visible spectrum showing pure PABA polymerized with an APS 
to ABA molar ratio of 0.25 (blue), 0.16 (black), and 0.11 (red) 

 

To explore the different polymerization rates more in detail, the kinetic 

equation and the rate constants were determined. There have been various 

kinetic models that are described in literature for the polymerization of aniline and 

its derivatives [18-19, 36-37, 42]. The earliest studies on the kinetics of 

electrochemical polymerization of ANI showed that the rate of PANI formation is 

highly dependent on the initial monomer concentration, the oxidant 

concentration, and the concentration of polymer formed [19, 36-37]. In addition, 

Sivakumar et al. [37] demonstrated that the kinetic equation proposed by other 

researchers can be simplified if the produced polymer is soluble in solution and 

therefore the autocatalytic effect from the formed polymer is negligible. The 

simplified kinetic equation was used in our previous work when only the first 10 
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minutes of polymerization was studied [18], where the system remained in the 

homogeneous state. In our present case, however, we studied the entire 

polymerization process and therefore surface effects from the formed polymer 

are highly important. Based on all the considerations above, the kinetic equation 

used for this study is: 

       

  
                                   

where [ABA] represents the concentration of ABA monomers, [APS] represents 

the concentration of APS (the oxidizer), [PABA] represents the concentration of 

PABA formed, and k1,k2 represents the observed rate constants. The rate 

constant k2 includes the surface factor contribution from PABA. Using equation 

(1) for all the polymerizations shown in Figure 2.6, a table of rate constants can 

be obtained (Table 2.1). All rate constants were determined using the kinetics 

simulation software Kintecus. 

 k1 
(L mg-1 min-1) 

k2 
(L mg-1 min-1) 

Pure PABA 0.004726 ± 3.1% 0.8223 ± 0.6% 

ssDNA (30T)/PABA 0.01199 ± 2.4% 1.436 ± 0.2%  

ssDNA-SWNT 
(15GT)/PABA 

0.03294 ± 3.7% 4.420 ± 0.4% 

ssDNA-SWNT 
(30T)/PABA 

0.03994 ± 1.1% 4.969 ± 0.2% 

ssDNA-MWNT/PABA 0.04841 ± 0.9% 5.104 ± 0.1% 

Table 2.1: Comparison of polymerization rate constants for the acidic 
polymerization of ABA in the presence of different CNTs and different sequences 
of DNA 
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2.2.4. Origin of catalytic effect 

 Based on the last section, there are several questions that remain 

unanswered. Firstly, why does the presence of dsDNA dispersed SWNT give a 

higher polymerization rate than ssDNA dispersed SWNT? Secondly and arguably 

the most interesting is why does changing the sequence of the DNA on SWNT 

yield different polymerization rates? Finally, why does the presence of DNA 

dispersed with MWNT give a higher polymerization rate than DNA dispersed with 

SWNT? Section 2.2.4.1 will explore the catalytic role of DNA and SWNT in the 

polymerization process in hopes of answering the first two questions. The 

difference in polymerization rates between DNA dispersed with MWNT and 

SWNT will be briefly mentioned in section 2.2.4.2. 

 

2.2.4.1. Catalytic role of SWNT and DNA 

The different polymerization rates shown by ssDNA(15GT)-SWNT and 

ssDNA(30T)-SWNT may be due to several possibilities. First, it could be a result 

of the different sequence of DNA used to disperse the SWNTs. The electronic 

and chemical properties may change depending upon the sequence of DNA 

used and therefore affect the rate of polymerization. Second, since the SWNTs 

used were not purified by chirality, their metallic to semiconducting ratios might 

be different [24, 44-45]. Semiconducting SWNTs normally have a small band gap 

and there is no band gap for metallic SWNTs [46]; hence their electronic 
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properties are different. These different properties can influence the rate of ABA 

polymerization. 
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Figure 2.6: Kinetic profile of ABA polymerization in the presence of ssDNA–
MWNT (red), dsDNA–SWNT (magenta), ssDNA(15GT)–SWNT (blue), 
ssDNA(30T)–SWNT (cyan), ssDNA(30T) (green), and no CNTs (pristine PABA, 

black) in neutral medium. In situ polymerization reaction was performed at 4⁰C 

 

To further analyze the role of the carbon nanotubes in speeding up the 

polymerization processes, the polymerization was also studied in neutral 

conditions. Figure 2.6 shows the kinetic profile of ABA polymerization in the 

presence of different CNTs, different DNA strands and sequences in neutral 

medium. The polymerization kinetics trend for the neutral approach is similar to 

that of the acidic approach, except for a few differences. One difference is that 

the polymerization rate for the neutral approach is much faster than its acidic 

counterpart. One possibility is that in the neutral polymerization approach, 
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fructose is normally added into the polymerization mixture so it binds with the 

boronic acid moiety on the ABA monomer. This forms an anionic boronic ester 

complex which may increase the polymerization rate. Also, due to the steric 

effect from the bulky ester complex, it is possible that the addition of monomers 

favors the para position during the polymerization process. There may be other 

explanations and further research must be done in order to truly explain the 

phenomenon seen. Note also that dsDNA-SWNT is included in the neutral 

polymerization approach. 

 

 k1 
(L mg-1 min-1) 

k2 
(L mg-1 min-1) 

Pure PABA 0.02902 ± 2.1% 4.686 ± 0.3% 

ssDNA (15GT)/PABA 0.03853 ± 1.3% 9.486 ± 0.1% 

ssDNA-SWNT 
(30T)/PABA 

0.05974 ± 1.2% 24.98 ± 0.1% 

ssDNA-SWNT 
(15GT)/PABA 

0.06615 ± 1.2% 30.10 ± 0.2% 

dsDNA-MWNT/PABA 0.09722 ± 1.5% 32.53 ± 0.2% 

ssDNA-MWNT/PABA 0.1449 ± 0.5% 34.51 ± 0.1% 

 

Table 2.2: Comparison of polymerization rate constants for the neutral 
polymerization of ABA in the presence of different CNTs and different sequences 
of DNA 
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2.2.4.1.1. Catalytic role of dsDNA and ssDNA 

The dsDNA-SWNT was not included in the acidic polymerization study 

solely because it was found that dsDNA-SWNT is unstable at low pH conditions 

and forms aggregates. From the neutral approach, it was found that the rate of 

polymerization is much faster for dsDNA-SWNT than ssDNA-SWNT. The 

difference in rate may be due to the extra stability provided by the duplex 

structure of dsDNA. Pang et al. [47] have studied the electrochemical oxidation of 

dsDNA and ssDNA adsorbed on gold electrode and found that oxidation occurs 

much easier for ssDNA due to its exposed nucleobases. This suggests that 

ssDNA can donate its electrons more efficiently than dsDNA. During the 

polymerization reaction there are two competing events that can occur; DNA may 

transfer its electrons to either the APS or to the CNTs. On one hand, if the 

electrons are transferred to the CNTs, this would increase the electron density of 

the ABA monomers adsorbed onto the DNA-CNT, facilitating the rate of 

polymerization. On the other hand, if DNA is oxidized by the APS then the 

polymerization rate would not increase since there is no increase in electron 

density on the ABA monomers. Based on these considerations and the data 

shown in figure 2.8, ssDNA-SWNT may be oxidized more readily than dsDNA-

SWNT, resulting in a lower polymerization rate for ssDNA-SWNT than dsDNA-

SWNT. 
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2.2.4.1.2. Catalytic role of metallic and semiconducting SWNT 

One important and interesting data obtained from Figure 2.6 and table 2.2 

is that the trend for the polymerization rate of ABA in the presence of 

ssDNA(30T)-SWNT and ssDNA(15GT)-SWNT in the neutral approach are 

reversed compared with the acidic approach. In the acidic approach, 

ssDNA(30T)-SWNT had a faster polymerization rate than ssDNA(15GT)-SWNT, 

whereas in the neutral approach the roles are inverted. One possible explanation 

for this is that metallic SWNTs do not have a band gap compared to 

semiconducting SWNTs and are more prone to be oxidized in acid conditions 

possibly by dissolved oxygen in the solution [48]. This is especially true in acidic 

medium where concentrated acid is known to cause covalent functionalization of 

CNTs [2]. Covalent functionalization of CNT surfaces can disrupt its band 

structure, therefore affect its electronic properties [2]. 

As mentioned before, ssDNA/SWNT may have different metallic to 

semiconducting tube ratios prior to purification and one reason for this is due to 

the surfactant used to disperse them (ex: different types of DNA) [24, 44-45]. To 

eliminate this effect and further understand what type of CNTs play the “catalytic 

role” in the observed different polymerization profiles, we selectively eliminated 

the metallic CNTs from the dispersed solution. Removal of metallic CNTs has 

been accomplished by various methods including anion exchange 

chromatography [45] and density gradient centrifugation [44]. More recently, 

elimination of metallic CNT have been achieved by using microwave irradiation 
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[49]. The absorption of microwave energy is governed by the material’s dielectric 

constant. Materials with different dielectric constants absorb microwave energy 

and heat up selectively [49-50]. Metallic CNTs have been shown to have a higher 

dielectric constant than water which has a higher dielectric constant than 

semiconducting CNTs [51]. Consequently, when irradiated with microwave 

energy, the metallic CNTs preferentially heats up to a high local temperature 

much faster than semiconducting CNTs and are selectively destroyed. This 

process can be monitored in two ways: by UV-Vis spectroscopy and Raman 

spectroscopy.  

 

Figure 2.7: (left) UV-Visible spectrum of ssDNA(15GT)-SWNT at different 
microwave irradiation times:  0 min (black), 1 min (red), 3 min (blue). The UV 
spectrum shown is after background correction using method proposed by [52]. 
(right) Zoomed in image of shaded area. 

 

As mentioned in the previous chapter, the UV-Vis spectrum of CNTs show 

van Hove singularities from 400nm-1300nm. The van Hove singularities from 
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400nm to ~650nm are due to optical transitions from metallic CNT and the peaks 

seen from 650nm to 1300nm are due to optical transitions from semiconducting 

CNT. Thus, according to Priya et al. [53] it is possible to monitor the degradation 

of metallic CNT using UV-Vis by the decrease in the van Hove peak at ~600-

700nm as a function of microwave irradiation time after background correction 

using a method proposed by Nair et al. [52]. Figure 2.7 shows the UV-Vis 

spectrum of the degradation of metallic CNTs at different microwave irradiation 

times for ssDNA(15GT)-SWNT. As shown, as microwave irradiation time 

increases, the absorption intensity at ~625-700nm decreases. This indicates that 

microwave irradiation selectively destroys and removes metallic CNTs from the 

solution.  

  To verify that metallic SWNTs are preferentially destroyed, Raman 

spectroscopy was also used to monitor this process. Raman is a very powerful 

tool and is used widely in literature to characterize SWNTs. A typical Raman 

spectrum of ssDNA(15GT)-SWNT is shown by the black curve (0 min) in Figure 

2.8a. When analyzing the Raman spectrum of SWNTs, there are normally three 

important regions of interest, namely the G band, the D band, and the bands 

from the radial breathing mode (RBM). The G band ranges from ~1550-1600cm-1 

and is a result of tangential vibrations of the carbon atoms on the SWNT [46, 51]. 

In addition, it is usually composed of two peaks: the one at ~1570cm-1 due to 

vibrations along the circumference of the nanotube and the one at ~1590cm-1 

due to vibrations along the nanotube axis [46, 51, 54]. The peak at 1590cm-1 
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known as the G+ peak is important for describing the electrical properties and 

bonding structure of SWNTs. The G- peak at 1570cm-1 is known to be sensitive 

to the type of SWNT present and can be used to determine whether the 

nanotube is metallic or semiconducting [46]. It has been demonstrated in 

literature that the G+ peak is normally higher in intensity than the G- peak in both 

semiconducting and metallic SWNTs, however the G- peak for metallic SWNTs is 

usually much broader than semiconducting SWNTs [54]. The disorder-induced 

D-band occurs at ~1300cm-1 and originates from amorphous impurities and 

structural defects on the SWNTs and is usually used to qualitatively determine 

the quality of SWNTs in the sample. The RBM occurs at ~120-350cm-1 and is 

due to the radial vibrations of the carbon atoms on the SWNT. The RBM is one of 

the most useful features and can be used to determine if SWNT is present in the 

sample, the diameter of the SWNT, and if the sample contains metallic or 

semiconducting SWNTs [46].  
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Figure 2.8: Raman spectrum showing (a) the D-band and G band of 
ssDNA(15GT)-SWNT (b) the radial breathing mode for ssDNA(15GT)-SWNT at 
different microwave irradiation times: 0 min (black), 1 min (red), 3 min (blue). 

 

 The Raman spectrum of ssDNA(15GT)-SWNT at different microwave 

irradiation times is shown in Figure 2.8. In Figure 2.8a, the G- band shows a 

decrease in intensity and the D band shows an increase in intensity as the 

sample is subjected to longer irradiation time. This suggests that the SWNTs that 

are eliminated are most likely metallic. However, the increase in D band intensity 

indicates that there are defects formed. The defects might be due to partially 

destroyed metallic SWNTs that have precipitated out of solution which can be 

seen by eye after microwave irradiation (Centrifugation was used to remove the 

insoluble material after microwave irradiation). Furthermore, the RBM in Figure 

2.8b shows that the region from ~220-250cm-1, which originates from metallic 

SWNT decreases as a function of microwave irradiation time and the region from 

260-280cm-1, originating from semiconducting SWNT remains essentially the 
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same. To see this more clearly, the ratio of I236/I268 was calculated and 

compared. The intensity ratios for 0, 1, and 3 mins microwave times were 1.04, 

0.75, and 0.41, respectively. Combining the UV-Vis and Raman results, we have 

concluded that microwave irradiation have preferentially eliminated the metallic 

SWNT from our samples. After microwave irradiation, the concentrations of both 

samples were re-determined using UV-Vis spectroscopy. Assuming that all the 

metallic SWNTs were removed, the concentration determined using UV-Vis is 

only from semiconducting SWNTs. 

 

Figure 2.9: Kinetic profile of ABA polymerization in the presence of ssDNA(30T)-
SWNT (cyan), ssDNA(15GT)-SWNT (blue), ssDNA(30T)-SWNT after microwave 
treatment (violet), and ssDNA(15GT)-SWNT after microwave treatment (green) in 
(a) acidic medium and (b) neutral medium. 

 

The kinetic profile for ABA polymerization (acidic approach) in the 

presence of pre-microwaved and post-microwaved DNA-SWNT is shown in 

Figure 2.9a. Since the metallic SWNTs were all removed from the solution, the 
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ssDNA(15GT)-SWNT and ssDNA(30T)-SWNT should show the same kinetic 

profiles if the DNA sequence does not influence the polymerization rate. However 

in Figure 2.9a we see that after the removal of metallic SWNT by microwave 

irradiation the kinetic profiles for the two samples are not the same. Therefore, 

the DNA sequence plays a catalytic role.  

Furthermore, if the metallic SWNTs do not influence the polymerization 

rate, then its kinetic profile should look exactly the same as before microwave 

treatment. However, it was found that the polymerization rate increases after 

metallic CNTs were removed from both ssDNA(15GT)-SWNT and ssDNA(30T)-

SWNT. Although microwave treatment preferentially eliminates metallic CNTs, it 

is highly possible that very small concentrations exist in the sample and one may 

argue that the rate difference shown could be a result of its lower stability in 

acidic pH. However, the removal of metallic CNTs also shows a change in 

polymerization rate in the neutral approach (Figure 2.9b). If it is assumed that 

metallic CNTs display no catalytic effect, then its removal should not change the 

rate of polymerization. Based on this, it can be concluded that the metallic to 

semiconducting CNT ratio contributes to the catalytic effect observed. 

The catalytic effect is possibly due to the different properties exhibited by 

metallic and semiconducting CNTs. Using UV-Vis-NIR spectroscopy, Zheng et al. 

[55] studied the electron transfer of small-molecule inorganic redox reagents with 

CNTs of different chiralities. It was found that the reduction potential of the CNTs 

increases with increasing band gap energies. Due to its larger band gap, 
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semiconducting CNTs is expected to have a higher reduction potential than 

metallic CNTs. This implies that during the polymerization process the metallic 

CNTs can donate its electrons more easily to the ABA monomers than 

semiconducting CNTs, increasing the electron density on the monomers and 

ultimately increasing the rate of polymer formation. Therefore samples with 

different metallic to semiconducting CNT ratios can yield different polymerization 

rates. 

 

2.2.4.1.3. Catalytic role of different sequence of DNA 

In Figure 2.9, the kinetic profiles show only a small change in the initiation 

time between the pre and post microwaved samples. This suggests that in 

addition to the catalytic effect shown by metallic CNTs, there may be other 

factors that contribute to the increase in polymerization rate. As mentioned 

earlier, one possible factor is the catalytic effect due to the different sequence of 

DNA used to disperse the CNTs.  
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Figure 2.10: Raman spectrum of (a) ssDNA(30T)-SWNT and (b) ssDNA(15GT)-
SWNT with different concentrations of ABA monomers: 0mM ABA (black), 3mM 
ABA (red), 5mM ABA (blue). 

 

To determine if there is an electronic factor from the different sequences 

influencing the polymerization rate, Raman spectroscopy was used to study its 

electronic interaction with ABA monomers. It has been shown in literature that 

electron donating and electron withdrawing groups can be used to tailor the 

electronic structures of SWNTs [56]. Electron withdrawing groups are known to 

cause a downshift of the G+ band and electron donating groups causes an 

upshift. The Raman spectrum of ssDNA(30T)-SWNT (Figure 2.10a) and 

ssDNA(15GT)-SWNT (Figure 2.10b) at different concentrations of ABA 

monomers is shown. From both spectra a downshift of the G+ band is seen, 

indicating that ABA withdraws electrons from the CNTs, which is consistent with 

the data presented previously in Figure 2.2. As the concentration of ABA is 

increased, the downshift of the G+ band also increases. This suggest that the 
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larger the downshift, the larger the electron transfer ability. Based on the figures, 

it was determined that 5mM of ABA caused ssDNA(30T)-SWNT and 

ssDNA(15GT)-SWNT to  downshift 1.5cm-1 and 2.7cm-1, respectively. Therefore, 

ssDNA(15GT) tends to transfer electrons more efficiently than ssDNA(30T) and 

may be the reason for the difference in the polymerization rates for differently 

dispersed SWNTs. 

 

2.2.4.2. Catalytic role of SWNT and MWNT 

As mentioned before, MWNTs are made of concentric layers of SWNTs. 

Their shell coupling interactions are complex and not fully understood [30-32]. 

One possible reason for the faster polymerization rate obtained using MWNT is 

that MWNT may have a higher electron density due to its multiple SWNT layers. 

This enables MWNTs to donate electrons to the ABA monomers, making it easier 

to polymerize compared with SWNT. 

 

2.2.5. Quality of produced CNT-PABA composite 

 In the previous section, it was found that the type of CNT used (MWNT or 

SWNT), the metallic to semiconducting SWNT ratio present, and the sequence of 

DNA used to disperse the CNT all contributed to the rate of ABA polymerization. 

Although this is important, it is equally vital to study the CNT-polymer composite 

formed. CNT-PABA composites are used in various applications and generally 
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properties such as high conductivity with long conjugated structures are desired. 

To characterize the different polymer composites formed in the previous section, 

UV-Vis and FTIR spectroscopy was used.  

  

 

Figure 2.11: (a) FTIR spectrum showing the “electronic-like” band (shaded area) 
of various DNA-CNT/PABA in acidic medium. UV-Visible-NIR spectra of various 
in-situ polymerized DNA-CNT/PABA in (b) acidic medium and (c) neutral 
medium. The curves corresponds to: ssDNA-MWNT/PABA (red), ssDNA(30T)-
SWNT/PABA (black), ssDNA-SWNT(15GT)/PABA (blue), and pure PABA (cyan). 

 

The FTIR spectrum of ssDNA(30T)-SWNT/PABA, ssDNA(15GT)-

SWNT/PABA, ssDNA-MWNT/PABA, and pure PABA are shown in Figure 2.11a. 

The most prominent band at ~1180cm-1 is known as the electronic-like band, 

which is a measure of the degree of delocalization of electrons along the 

polyaniline backbone and is correlated to the electrical conductivity of polyaniline 

[57]. The FTIR shows an increasing intensity as follows: pure PABA < 

ssDNA(15GT)-SWNT/PABA < ssDNA(30T)-SWNT/PABA < ssDNA-

MWNT/PABA. This suggests that ABA polymerization in the presence of 

ssDNA/MWNT yields CNT-polymer composites with the longest conjugated 
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polymer lengths, and therefore the highest conductivities. This trend is similar to 

that in the UV-Vis spectrum (Figure 2.11b). After polymerization, pure PABA 

shows the shortest wavelength at 753nm and 763nm for both acidic and neutral 

polymerization approaches, respectively. ssDNA(15GT)/SWNT/PABA and 

ssDNA(30T)/SWNT/PABA showed approximately the same wavelengths for both 

acidic (~774nm) and neutral cases (~788nm). ssDNA/MWNT/PABA showed the 

highest wavelength at 790nm and 798nm for acidic and neutral approaches, 

respectively. The UV-Vis and FTIR data suggest that ABA polymerization in the 

presence of MWNT produces composites with the longest conjugation length and 

thus highest conductivity. 

 

2.3 Conclusion 

In summary, we carefully and systematically studied the “catalytic roles” of 

DNA dispersed carbon nanotubes for the polymerization of ABA. All DNA 

dispersed CNTs (MWNTs and SWNTs) dramatically increased the 

polymerization rate. Most importantly, the quality of the polymer produced in 

terms of conjugation length and therefore their conductivity was also largely 

improved. The MWNTs showed much higher catalytic effect compared to the 

SWNTs. The efficiency of SWNTs in speeding up the polymerization rate highly 

depends on two factors: 1) the metallic/semiconducting CNT ratio present in the 

SWNTs. 2) the sequence of DNA used to disperse the SWNTs. This work 

provides a deep fundamental understanding of the role of electronic structure 
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and surface chemistry of carbon nanotubes in polymerization reactions, providing 

guidance to more efficient fabrication of high quality conducting polymer 

composites for various practical applications.   
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2.4 Experimental 

2.4.1. Reagents 

3-Aminophenylboronic acid hemisulfate salt (ABA), potassium fluoride (KF), 

ammonium persulfate (APS), potassium phosphate monobasic, potassium 

phosphate dibasic trihydrate, sodium chloride, DNA (dsDNA) from salmon testes, 

and fructose were purchased from Aldrich and used as received without further 

purification. Sulfuric acid was purchased from Pharmco-Aaper. Single stranded 

DNA with sequence d(T)30 (ssDNA(30T)) and sequence d(GT)15 (ssDNA(15GT)) 

were purchased from Integrated DNA Technologies. Single walled carbon 

nanotubes (SWNT) were purchased from Carbon Nanotechnologies, Inc. Multi 

walled carbon nanotubes (MWNT) were purchased from Nanolab, Inc. All 

solutions were prepared using deionized water (18.2MΩ) (Nanopore water, 

Barnstead). 

 

2.4.2. Dispersion of CNTs into aqueous solution 

CNTs were dispersed into deionized water using a method previously described 

by Zheng et al [24]. Briefly, a suspension of CNTs and DNA underwent high 

powered sonication using a Sonics Vibra-Cell VCX 130 in deionized water. The 

sonication process was performed in an ice-water bath to prevent local heating of 

the CNT which may cause unnecessary scission of CNT. After sonication, the 
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sample was centrifuged with a Beckman J2-21 centrifuge at 6000g to remove 

undispersed CNT. To remove free DNA, the solution was dialyzed with a 

Microcon YM-50 centrifugal filter unit (Millipore) for 2 hours. The resulting 

solution consists of highly dispersed and functionalized DNA-CNTs with a mass 

concentration of 200-500mg/L. The electronic structure of the dispersed DNA-

CNTs was characterized by UV-Visible spectroscopy. 

 

2.4.3. In-situ monitoring of ABA polymerization 

For acidic polymerization, 5mM ABA monomers were mixed with 40mM KF and 

dissolved in 0.05M H2SO4. DNA dispersed CNT was then added to the mixture 

so that the concentration added was 70mg/L. The mixture was bubbled in 

nitrogen gas for 30 minutes prior to the start of the polymerization to remove 

dissolved oxygen. Afterwards, the polymerization was initiated by the addition of 

0.2mM APS. The experiments were performed at 4○C and nitrogen gas was 

continuously bubbled during the polymerization process. The procedure for 

neutral polymerization is similar to that of acidic polymerization except for the 

following: it was performed at neutral pH (7.4) by using phosphate buffer saline 

(PBS) solution in the presence of fructose. 
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2.4.4. Characterization 

2.4.4.1 Ultraviolet-Visible-Near Infrared Spectroscopy 

Spectra were acquired with a Cary 500 UV-Vis-NIR spectrophotometer.  The 

spectra were collected over the range of 200-1300 nm for the characterization of 

DNA dispersed CNTs and 200-1100 nm for the in-situ polymerization monitoring 

process. In preparing the samples for UV-Vis spectral analysis, 50 μl of the 

solution were taken and dissolved in 3 mL of de-ionized water. Nitrogen purging 

was stopped between each measurement. 

2.4.4.2 Raman Spectroscopy 

Raman spectra were acquired using a Kaiser Optical Systems Raman 

Microprobe. The spectra were collected using a 785nm diode laser over the 

range of 700-4000cm-1.  For Raman spectra measurements, the DNA-CNT 

solution was diluted and drop-cast onto a slide. 

2.4.4.3 Fourier Transform Infrared Spectroscopy 

All FTIR spectra were obtained using a Spectrum Spotlight FTIR Imaging System 

with a spectral resolution of 4 cm
-1

. The spectra were collected over the range of 

700-4000cm-1. In preparing the sample for FTIR analysis, diluted samples of the 

polymer solutions were dried in vacuum on CaF2 windows. 
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Chapter 3 

DNA Functionalized Carbon Nanotubes 

as Active Stabilizers: Enhanced Stability 

of Conducting Polymer Composites 

 

3.1 Introduction 

 
Conducting polymers have been studied for decades and their 

degradation and stability is of primary interest due to their potential applications 

in organic solar cells, biosensors, chemical sensors, and light emitting diodes [1]. 

Polymer degradation is believed to occur as soon as the polymer is synthesized 

and continues to degrade during its storage and use. The degradation processes 

are normally accompanied by changes in their chemical and physical properties 

which eventually results in complete deterioration of the polymer [2-3]. These 

property changes can be induced by heat, oxygen, radiation, mechanical stress, 

water, and many other influences [2-5].  

As conducting polymer properties are being exploited for various 

applications, considerable attention has been focused on understanding the 

degradation mechanism and discovering methods to inhibit or mitigate its effects. 

The main degradation processes that occur during outdoor exposure is 

photodegradation (photolysis, photo-oxidation) and hydrolysis, resulting in chain 

scission, crosslinking, and oxidation of the polymer chain [2-4]. This is especially 
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true for organic materials such as conducting polymers because ultraviolet (UV) 

radiation has enough energy to directly break certain bonds and initiate further 

degradation through hydrolytic and oxidative processes [3]. 

Various methods have been proposed to inhibit or retard the degradation 

process. Four “polymer stabilizers” that are used to accomplish this are UV 

absorbers, UV quenchers, hydrogen donating antioxidants, and hindered amine 

light stabilizers (HALS). The role of UV absorbers is essentially absorbing the UV 

light radiation and dissipating it as heat, thereby reducing degradation of the 

polymer chain. UV absorbers normally have high absorption coefficients and are 

highly stable, which can prevent secondary reactions from occurring [6]. Two of 

the most used UV absorbers are hydroxybenzophenones and 

hydroxyphenylbenzotriazoles [7]. One of the biggest disadvantage of using UV 

absorbers is that a thick layer is needed to efficiently stabilize the polymer from 

degradation [6], which is unattractive in certain applications.   

UV quenchers work in a similar manner to UV absorbers but instead of 

absorbing the UV light, they absorb energy. Energy that is gained by the polymer 

from UV light absorption is transferred to the UV quencher to prevent the polymer 

from degrading. This energy is dissipated as heat or photoluminescence [6]. UV 

quenchers are normally not used because they contain heavy metals such as 

Nickel and are not as efficient as other methods [6-7].  

The third polymer stabilizer is the hydrogen donating antioxidants such as 

hindered phenols and secondary aromatic amines which mitigates the effects of 

degradation by transferring a proton to free radical species, preventing it from 
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reacting with the polymer backbone [5]. During the proton transfer, a new radical 

is formed. The new radical generated is always less reactive and does not react 

with the polymer chain.  

HALS is another class of polymer stabilizer that is commonly used today 

and inhibits the degradation process through the formation of nitroxyl radicals [8]. 

The nitroxyl radical acts as a “radical trap (scavenger)”, where it binds with a free 

radical temporarily to prevent it from reacting with the polymer chain. When the 

complex encounters another free radical, the nitroxyl radical is regenerated and a 

non-radical product is formed (both radicals combine to form non-radical 

product). Most of these stabilizers are used simultaneously to achieve maximum 

stabilizing effect. 

Although there are currently numerous polymer stabilizers available, there 

is still much attention focused on discovering new stabilizers and understanding 

their stabilizing mechanism. Due to its similarity to carbon black and fullerenes, 

which have both been shown to possess UV absorbing and radical scavenging 

behavior [9-10], carbon nanotubes have also been studied for these stabilizing 

effects.  

The stabilization properties of carbon nanotubes have been well studied in 

literature. Using electron spin resonance spectroscopy (ESR), Fenoglio et al. [11] 

have recently shown that hydroxyl radicals formed by the Fenton reaction and 

also by UV radiation can be largely reduced in the presence of MWNTs. The 

radical scavenging ability of SWNTs was also studied by density functional 

theory calculations. Using different types of radicals, Galano [12] showed that the 
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reaction of SWNTs with the radicals studied were exothermic and exergonic. 

Furthermore, reaction with further radicals was energetically favored, suggesting 

the scavenging capability of SWNTs. Although the mechanism is not fully 

understood, it is believed that the radical scavenging ability of carbon nanotubes 

may be due to their high electron affinity.  

 Although there are many literature about using CNTs as stabilizers [10-

12], their stabilizing effect on conducting polymers are not well documented. In 

this chapter of the thesis, we will attempt to explore the effects of CNTs on 

stabilizing conducting polymers under UV light environment. The 

conducting polymer used is poly(aniline boronic acid) (PABA) due to their 

interesting properties and potential uses in various applications. The use of CNTs 

as the active stabilizer for conducting polymers is extremely attractive because it 

provides several benefits. Not only does it help stabilize the polymer but it also 

improves its properties through synergistic effects. 
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3.2 Results and Discussion  

3.2.1. Stabilization of PABA monitored using 

Spectroscopic Methods 

 CNT/PABA solutions were prepared and irradiated with UV light to 

increase the rate of degradation [13]. The samples were irradiated with three 

different wavelengths and the absorption spectra were monitored (Figure 3.1). As 

mentioned in the previous chapter, PABA have three distinct absorption bands at 

~260nm due to the   –  * transition of aniline, ~390nm due to the polaron 

transition or to quinone diimine structure of low molecular weight oligomers, and 

~700-800nm due to the bipolaron transition. Therefore the UV radiation 

wavelengths were chosen accordingly. As shown in Figure 3.1, the polymer 

absorption peak at ~800nm does not show significant change after 5hr UV 

radiation for samples irradiated with 254nm light (1a) and 800nm light (1c). In 

contrast, there is a noticeable change in the absorption peak for the sample 

irradiated with 365nm light (1b). The blue shift and decrease in intensity of the 

absorption peak seen can be explained by a decrease in both the polymer 

conjugation length and polymer concentration. The conjugation length of a 

conducting polymer is normally associated with the conductivity of the polymer. It 

is known that as polyaniline degrades, its conductivity also decreases [14-15]. 

Therefore, the decrease in conjugation length and concentration shown suggests 

a decrease in conductivity and can be used to monitor the degradation of PABA. 
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Due to the noticeable change seen using 365nm light, all samples from here on 

were irradiated with this wavelength. 

 

Figure 3.1: UV-Vis spectra of ssDNA/SWNT/PABA irradiated using (a) 254nm 
light, (b) 365nm light, and (c) 800nm light at different irradiation times: (black 
curve) 0hr and (red) 5hrs. 
 

To determine if CNTs can help stabilize PABA, three PABA solutions were 

prepared. The three solutions are as follows: pure PABA (no CNTs are present), 

0.2% ssDNA/SWNT/PABA (CNT used is 0.2% weight of ABA) and 1% 

ssDNA/SWNT/PABA (CNT used is 1% weight of ABA). The three polymer 

solutions were subjected to UV irradiation and the UV-Visible spectra were 

obtained at different time intervals (Figure 3.2). From the figure, it can be seen 

that UV irradiation induces significant changes in the UV-Vis spectra and there 

are three distinct features of interest. First, there is an increase in absorption at 

~266nm. This may be due to oxidation of the PABA backbone, resulting in an 

increase in concentration of ABA monomers and PABA degraded products. 

Studies have shown that degradation of PABA can yield degraded products such 

as hydroquinone, p-benzoquinone, and p-aminophenol [16-17]. The second 

feature of interest is the increase of absorption at ~550nm. The absorption band 

(c) (b) (a) 
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at ~550nm is attributed to the non-conductive pernigraniline oxidation state of 

PABA and to degraded products such as quinoneimines [18-20]. Furthermore, as 

we have seen before, the absorption band at ~800nm experiences a decrease in 

intensity and blue shift of the wavelength. This band is due to bipolaron 

transitions and is normally attributed to the emeraldine oxidation state of PABA 

[18-19].  

Based on the UV Visible data it appears that UV irradiation of PABA 

samples causes two main degradation pathways: chain scission and oxidation of 

PABA. Chain scission results in the formation of degraded products and 

therefore can lower the absorption intensity of the emeraldine peak and increase 

the absorption intensity at ~260nm and ~550nm. Oxidation of PABA causes the 

polymer to convert from the emeraldine oxidation state to the pernigraniline 

oxidation state. This can explain the decrease in absorption of the emeraldine 

peak and the increase of absorption of the pernigraniline preak at ~550nm. It is 

believed that the combination of both degradation processes may have cause the 

changes seen in the UV spectra upon irradiation. 
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Figure 3.2: UV spectra of (a) pure PABA, (b) 0.2% ssDNA/SWNT/PABA, (c) 1% 
ssDNA/SWNT/PABA after irradiation for (black) 0hrs, (red) 5hrs, (blue) 20hrs, 
(green) 35hrs, (magenta) 50hrs, (olive) 65hrs. For all three spectra, UV 
irradiation causes the intensity of the emeraldine peak at ~800nm to decrease 
and to blue shift.  

 

To get a clear understanding of the degradation and stabilization 

mechanisms, the wavelength shift and intensity decrease of the emeraldine 

absorption band was studied more in detail. The normalized changes in 

wavelengths and in intensities were plotted as a function of irradiation time 

(Figure 3.3). From Figure 3.3a, it can clearly be seen that different concentrations 

of SWNTs have a large impact on the wavelength shifts of PABA. Pure PABA 

shows the largest wavelength decrease (~20%) after 65hrs of UV irradiation. It is 

significantly larger than 0.2% ssDNA/SWNT/PABA (~5.5%) and 1% 

ssDNA/SWNT/PABA (~2.9%). Furthermore, as higher concentrations of SWNT 

are used to form the SWNT/PABA, the less the wavelength shifts. Since the 

wavelength decreases more in PABA in the absence of SWNTs, this suggests 

that SWNTs participates in the stabilization of PABA. Furthermore, this stabilizing 

effect can also be seen by analyzing the intensity decrease (Figure 3.3b). Similar 

to the wavelength shift analysis seen in Figure 3.3a, pure PABA shows the 

(a) (b) (c) 
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largest peak intensity decrease after 65hrs irradiaton (18.4%), followed by 0.2% 

ssDNA/SWNT/PABA (13.3%), and 1% ssDNA/SWNT/PABA (10.4%). 
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Figure 3.3: (a) Normalized wavelength changes and (b) normalized intensity 
changes for (black) pure PABA, (red) 0.2% ssDNA/SWNT/PABA, and (blue) 1% 
ssDNA/SWNT/PABA. 
 

 

 To further validate this phenomenon seen, the emission peak at 450nm 

was monitored using fluorescence spectroscopy (excited at 390nm). As mention 

previously, absorption peak seen at 390nm is due to polaron transition of the 

polymer or to low molecular weight oligomers. The polymer itself, however, does 

not show strong fluorescence due to quenching of the polymer signal due to 

oxidation of its chain and polaron formation [21]. Therefore the fluorescence 

signal is contributed from oligomers and can be used to monitor the degradation 

process. As shown in Figure 3.4, the fluorescence decreases as irradiation time 

increases. The trend shown here is similar to that seen using UV-Vis 

(b) (a) 
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spectroscopy. One possible explanation for the decrease in fluorescence may be 

the degradation of the oligomers to monomers. 
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Figure 3.4: Fluorescence spectrum of pure PABA at different irradiation times 
(black) 0hrs, (red) 5hrs, (blue) 35hrs, (olive) 50hrs, and (magenta) 65hrs. 
 

3.2.2. Stabilization of PABA monitored using 

Conductance Measurements 

 

  Since degradation causes the conjugation length of PABA to decrease, 

this would lead to the decrease in conductance as well. Therefore the 

degradation of PABA and its stabilization by SWNTs can also be monitored by 

changes in its conductance.  The conductance of both the PABA polymer alone 

and the PABA/SWNT composites exhibit percolation behavior [22], showing 

sharp increases by several orders of magnitude when the concentration of the 
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conductive species in the formed films reaches its respected percolation 

threshold. We first found their respective percolation thresholds by adding PABA 

polymer or the PABA/SWNT composites onto Si chips with pre-patterned gold 

electrode pairs (1.5 µm apart) using a layer by layer approach. The conductance 

was monitored by two probe conductance measurement. After all samples 

reached percolation, they were irradiated with UV light in the same manner as 

before and the conductance was measured at different irradiation times. The 

purpose of allowing the samples to percolate prior to irradiation is to compare the 

percentage decrease in conductance once the maximum number of conducting 

networks has been formed for each of the samples. 
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Figure 3.5: (a) I-V curve of pure PABA irradiated for 0 (black), 60 (red), and 150 
mins (green). (b) Normalized relative conductance decrease for pure PABA 
(black), 0.2% ssDNA/SWNT/PABA (red), 1% ssDNA/SWNT/PABA (blue).  

 

 

Figure 3.5a shows a typical I-V curve obtained for pure PABA after 

different irradiation times. As expected, the degradation of PABA causes a 

(b) (a) 
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decrease in conductance. It is known that SWNT/PABA composites show a 

much higher conductance than pristine PABA [23-24]. To compare the effect of 

degradation of the PABA samples, the conductance were normalized and shown 

in Figure 3.5b. Pure PABA showed the largest relative decrease in conductance 

(73.31%) compared to 0.2% ssDNA/SWNT/PABA (58.79%) and 1% 

ssDNA/SWNT/PABA (38.40%) after UV light irradiation. These results are 

consistent with the UV-Vis measurements and reveal that the amount of 

ssDNA/SWNT added to the polymerization process affects the stability of the 

formed polymer nanocomposite.  

 

3.2.3. Stabilization of PABA monitored using FTIR 

spectroscopy 

 

In order to understand this stabilizing phenomenon further, we used FTIR 

spectroscopy to study the changes in molecular structure of the formed polymers 

before and after UV irradiation. Figure 3.6a shows the FTIR spectra of pure 

PABA at different UV irradiation times. From the figure, there are three 

absorption bands of interest. The strong absorption band at 1100 cm-1 can be 

attributed to the “electronic-like band” and is a measure of the degree of 

delocalization of electrons, and thus its conductivity [25-26]. The absorption band 

at 1596 cm-1 can be attributed to the C=N stretching in the quinoid type ring [27-
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28] and the absorption band at 1440 cm-1 is from mixed C-N, C-C stretching, C-

H, and N-H bending vibrations of the benzenoid ring [28].  
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Figure 3.6: (a) FTIR spectra of pure PABA after exposure to UV light irradiation 

for 0 (black), 5 (red), 20 (blue), 35 (green), 50 (magneta), and 65 hours (olive). 

(b) Quinoid to benzenoid ratio (I1596/I1440) at different irradiation times for pure 

PABA (black), 0.2% ssDNA/SWNT/PABA (red), 1% ssDNA/SWNT/PABA (blue). 

 

A general relative decrease in the “electronic-like” peak is seen, indicating 

that the conductivity of the polymers decreases with increasing UV irradiation 

time. The relative intensity decrease of the “electronic-like band” for the three 

polymers was calculated. After 65 hours of UV light irradiation, pure PABA 

showed the greatest relative decrease in intensity (63.2%) compared to 0.2% 

ssDNA/SWNT/PABA (33.6%) and 1% ssDNA/SWNT/PABA (17.0%). This 

reveals that pure PABA experiences the greatest conductivity loss compared to 

the composites containing SWNT. Furthermore, as the concentration of SWNT 

increases, the polymer produced has greater stability.  

(b) (a) 
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Furthermore, the absorption bands corresponding to the quinoid ring 

located at 1596 cm-1 and the benzenoid ring at 1440 cm-1 can be expressed as 

an intensity ratio (I1596/I1440) and used to study the degradation process. This 

quinoid to benzenoid ratio can provide information on the degree of oxidation of 

the polymer. As shown in the previous chapters, PABA has many different 

oxidation states and only the emeraldine state is conductive. From the UV-Vis 

data shown in Figure 3.2, UV irradiation can cause the oxidation of PABA. 

Therefore it is possible that the conductive half-oxidized emeraldine state is 

converted to the non-conductive fully oxidized pernigraniline state. During this 

process, the benzenoid units of emeraldine are oxidized to quinoid units. By 

monitoring the change in I1596/I1440 ratio, the rate of emeraldine conversion to 

pernigraniline can be studied. 

Figure 3.6b shows the quinoid to benzenoid intensity ratio of pure PABA, 

0.2% ssDNA/SWNT/PABA, and 1% ssDNA/SWNT/PABA at different irradiation 

times. 1% ssDNA/SWNT/PABA showed almost no change (~0.9% increase) in 

the quinoid to benzenoid ratio, indicating that its molecular structure is relatively 

unaffected by UV irradiation even after 65 hours of exposure. The quinoid to 

benzenoid ratio, however, increased 1.9 times for 0.2% ssDNA/SWNT/PABA and 

over 2.5 times for pure PABA. This shows that as higher concentrations of 

ssDNA/SWNT are used to form the polymer composite, the amount of quinoid 

units present in the polymer chain is lower under UV irradiation and thus 

retarding the degradation process. 
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3.2.4. Role of ssDNA/SWNT in stabilization of 

PABA 

 

3.2.4.1. UV absorber 

CNTs are known to absorb light across a wide spectral range [29], making 

them extremely attractive as UV absorbers. To determine the UV absorbing 

effect of CNTs on PABA, a postmixture approach in preparing the composites 

were used. In the postmixture approach, pure PABA was first prepared and then 

mixed with 1% ssDNA/SWNT. The three samples, pure PABA, postmixture, and 

1% ssDNA/SWNT/PABA were irradiated and compared (Figure 3.7). As 

expected, 1% ssDNA/SWNT/PABA shows a much lower blue shift in wavelength 

and lower absorption decrease than pure PABA. The composite prepared by 

postmixture shows less blue shift (14.2%) than the pure PABA (23.5%), but more 

blue shift (20.6%) than the in-situ prepared composite with the same amount of 

ssDNA/SWNTs. The absorption intensity for the postmixture also decreases 

more than that of in situ prepared composite. This result shows that the UV 

absorbing ability of SWNTs plays a very important role in the stabilization of 

PABA. From Figure 3.7, we can conclude that PABA prepared by the in-situ 

approach degrades slower than PABA prepared by the postmixture approach. 

This suggests that SWNTs may be able to stabilize PABA by a different 

mechanism.   
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Figure 3.7: (a) Wavelength decrease and (b) absorption decrease of 1% ssDNA-

SWNT/PABA (black), postmixture composite (red), and pure PABA (green) after 

different irradiation times 

 

3.2.4.2. Proposed stabilization mechanism 

The degradation of polyaniline has been well studied in literature and 

mechanisms involving photolysis, hydrolysis, oxidation, and crosslinking have all 

been proposed [13, 20, 30-31]. Polymer degradation is a complex process and it 

may involve several or all of the mechanisms listed above. Based on the data 

presented, degradation of PABA by oxidation will be considered to explain the 

stabilizing effects of SWNTs on in-situ prepared PABA composites. We 

hypothesis that this stabilizing effect is due to the reductive ability of 

ssDNA/SWNTs, which can reduce the nonconductive pernigraniline state to the 

stable and highly conductive emeraldine state (Scheme 3.1) and making the 

polymer more stable and less susceptible to further degradation such as 

hydrolysis which will lead to chain scission. It is shown in literature that the 

(b) (a) 
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pernigraniline state is unstable and degrades faster than the emeraldine 

state[13]. When PABA interacts with UV light, it loses electrons and is oxidized 

from the emeraldine state to the pernigraniline state. During the process, the 

electrons are possibly gained by the superoxides formed from oxygen in the 

environment [32]. The oxidized PABA is then reduced by the ssDNA/SWNTs 

back to the emeraldine state. Therefore, the molecular structure and thus the 

conductivity of the polymer are largely preserved. As the concentration of SWNT 

is increased, this stabilizing effect is more prominent, as supported by the 

conductance, UV-Vis, and FTIR data. In this process, the SWNTs itself are 

oxidized. Reduction of the oxidized SWNTs by water may occur and would 

complete the cycle [33-34].  

 

 

Scheme 3.1: Proposed stabilization mechanism of ssDNA/SWNT during the in-

situ polymerization process. 

 

 



106 
 

 
 

The stabilization mechanism proposed here would require electron transfer 

between the carbon nanotubes and the conducting polymer. Electron rich carbon 

nanotubes would facilitate this stabilization effect, while electron deficient carbon 

nanotubes would speed up the degradation process. However, reports have 

shown that electron deficient carbon nanotubes are good electron acceptors, 

showing strong radical scavenging ability, similar to fullerenes [10]. Therefore it is 

expected to show strong stabilization effect toward PABA degradation. To further 

test these hypothesises, we dispersed SWNTs by microwave irradiation. This 

process partially oxidizes the surface of the SWNT and simultaneously 

functionalizes the carbon nanotubes with some oxygen containing groups. Due to 

the partially oxidized surface, the microwave dispersed SWNTs (MD-SWNT) are 

poor electron donors compared to ssDNA/SWNTs. MD-SWNT/PABA composite 

were irradiated and the results are shown in Figure 3.8. In Figure 3.8a, it can 

clearly be seen that MD-SWNT/PABA experiences the largest intensity decrease 

compared with all the other PABA composites. This suggests that it degrades the 

fastest and provides no stabilization effect. In addition, it appears that MD-

SWNT/PABA degrades faster than the pure PABA. More interestingly, we found 

that MD-SWNT does not cause significant blue shift of the emeraldine absorption 

band (Figure 3.7b), which is very different from what was seen during the 

degradation of pure PABA. Although at this point further studies are necessary 

for a complete understanding why the MD-SWNTs did not provide stabilization 

effects, it is evident that electronic structures of the MD-SWNT and the surface 
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functional groups on the MD-SWNT play a role in the observed increasing 

degradation rate.  

Taking a step further, we prepared ssDNA/SWNT/PABA by polymerizing a 

monolayer of PABA on the ssDNA/SWNT surface. It has been shown that the 

“thin skin” approach can improve conductivity dramatically compared with 

ssDNA/SWNT itself [35]. The purpose of this is to study the stability of the “thin 

skin” ssDNA/SWNT/PABA which can be used as thin films for various electronic 

applications. The results are shown in Figure 3.8. Both figures clearly show that 

ssDNA/SWNT effectively stabilizes the thin layer of PABA making it highly 

attractive for electronic applications. 
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Figure 3.8: (a) Normalized intensity changes and (b) normalized wavelength 
changes for (magenta) MD-SWNT/PABA, (black) pure PABA, (red) 0.2% 
ssDNA/SWNT/PABA, (blue) 1% ssDNA/SWNT/PABA, and (green) “thin skin” 
ssDNA/SWNT/PABA. 
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3.3 Conclusion 

In summary, not only was the electrical performance of the conducting 

polymer improved by in-situ polymerization of 3-aminophenylboronic acid (ABA) 

monomers in the presence of single-stranded DNA dispersed- and 

functionalized- single-walled carbon nanotubes (SWNTs), the composite also 

showed enhanced stabilization under UV irradiation. A new stabilization 

mechanism against UV irradiation was proposed based on the reductive 

capability of the carbon nanotubes functionalized with DNA. The enhanced 

stability would greatly help develop organic photonic systems as well as other 

electronic devices with longer life spans and thus commercial value.  
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3.4 Experimental 

 

3.4.1. Reagents 

3-Aminophenylboronic acid hemisulfate salt (ABA), potassium fluoride (KF), and 

ammonium persulfate (APS) were purchased from Aldrich. Sulfuric acid was 

purchased from Pharmco-Aaper. Single stranded DNA with sequence d(T)30 

(ssDNA(30T)) were purchased from Integrated DNA Technologies. Single walled 

carbon nanotubes (SWNT) were purchased from Carbon Nanotechnologies, Inc. 

All chemicals were used as received without further purification. All solutions 

were prepared using deionized water (18.2MΩ) (Nanopore water, Barnstead). 

 

3.4.2. Dispersion of CNTs into aqueous solution 

CNTs were dispersed into deionized water using a method previously described 

by Zheng et al [36]. Briefly, a suspension of CNTs and DNA underwent high 

powered sonication using a Sonics Vibra-Cell VCX 130 in deionized water. The 

sonication process was performed in an ice-water bath to prevent local heating of 

the CNT which may cause unnecessary scission of CNT. After sonication, the 

sample was centrifuged with a Beckman J2-21 centrifuge at 6000g to remove 

undispersed CNT. To remove free DNA, the solution was dialyzed with a 

Microcon YM-50 centrifugal filter unit (Millipore) for 2 hours. The resulting 
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solution consists of highly dispersed and functionalized DNA-CNTs with a mass 

concentration of 200-500mg/L. The electronic structure of the dispersed DNA-

CNTs was characterized by UV-Visible spectroscopy. 

 

3.4.3. In-situ fabrication of self-doped 

ssDNA/SWNT/PABA nanocomposite 

 

A typical synthetic procedure for the preparation of a water soluble poly 

(anilineboronic acid)/ssDNA/SWNT nanocomposite (ssDNA/SWNT/PABA) in the 

presence of fluoride is as follows: An aqueous solution of 40mM ABA and 40mM 

potassium fluoride was prepared with 0.05M sulfuric acid. Different concentration 

of ssDNA/SWNT (0%, 0.2%, 1%, etc…) was added to the ABA solution bringing 

the total volume to 3mL. The quantity of ssDNA/SWNT added is the weight 

percent based on the amount of ABA monomers in the mixture. The mixture was 

then purged with nitrogen for 30 minutes to remove dissolved oxygen. APS, the 

oxidizing agent, was slowly added to this mixed solution over a period of 70 

minutes to initiate the polymerization process. This reaction was carried out at 

0°C under nitrogen bubbling for an additional 5 hrs. The mixture was left to react 

overnight in the refrigerator at 4°C. The formed polymer was centrifuged at 

4000g for 30 minutes to remove the water soluble oligomers and monomers from 

the mixture. Dialysis was then performed to remove free DNA and other salts 
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from the solution. The polymer composite was characterized by UV-Visible 

spectroscopy after purification. 

 

3.4.4. UV radiation of ssDNA/SWNT/PABA 

 

The following steps were taken to expose the polymer nanocomposites with 

ultraviolet (UV) light: A known quantity of the polymer solutions were dissolved in 

de-ionized water. Using UV-Visible spectroscopy, the absorbance intensity of the 

polymer peak for the polymer samples was adjusted to approximately the same 

intensity to keep the polymer concentration the same. The polymer solutions, in 

quartz cuvettes, were then placed 4cm from each other and 7cm from a 3UV 

multi-wavelength lamp light source (Ultraviolet Products). The samples were then 

irradiated for different lengths of time and characterized using UV-Visible 

spectroscopy (UV-Vis), Fourier Transform Infrared spectroscopy (FTIR), and 

conductance measurements.  

 

3.4.5. Characterization 

 

3.4.5.1 Ultraviolet-Visible-Near Infrared Spectroscopy 

All UV spectra were acquired with a Cary 500 UV-Vis-NIR spectrophotometer.  

The spectra were collected over the range of 200-1100 nm. In preparing the 
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samples for UV-Vis spectral analysis, an aliquot of the solution was taken and 

diluted in 3 mL of de-ionized water.  

 

3.4.5.2 Fourier Transform Infrared Spectroscopy 

All FTIR spectra were obtained using a Spectrum Spotlight FTIR Imaging System 

with a spectral resolution of 4 cm-1. The spectra were collected over the range of 

700-4000cm-1. In preparing the sample for FTIR analysis, diluted samples of the 

polymer solutions were dried in vacuum on CaF2 windows. 

 

3.4.5.3 Two probe conductance measurements 

All conductance measurements were obtained using an Electrochemical 

Workstation CHI 760C coupled to a Micromanipulator 6000 with a Microzoom 

microscope. In preparing the sample for conductance measurements, diluted 

samples of the polymer solutions were dried in vacuum on micro interdigitated 

silicon electrodes (Air Force Research Labs).  
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Chapter 4 

Self-Doped Polyaniline/Carbon nanotube 

composites for Construction of Efficient 

Enzyme Based Biofuel Cells 

 

4.1 Introduction 

Slow electron transfer rate is a fundamental problem that limits the use of 

redox enzymes, such as glucose oxidase, in biological fuel cells because of the 

lack of direct electron transfer between redox enzymes and electrode supports. 

This is mainly because the redox center of the enzyme is embedded in a thick 

and nonconductive protein shell, which results in spatial separation from the 

electrode surface. Therefore tremendous efforts have been devoted to 

constructing enzymatic electrodes which have direct electron transfer between 

the redox center and electrode support to increase the electron transfer rate and 

therefore the efficiency of biofuel cells [1-9]. 

Conducting polymer and CNT composites have been used as electrode 

materials to develop enzymatic based sensors and biofuel cells [3, 10-13]. 

SWNTs have been used as long range nanoconnectors to electrically contact the 

active site to the electrode surface [3]. The SWNTs were vertically aligned on the 

electrode surface and the enzymes (glucose oxidase (GOx)) were reconstituted 

on the top of the tubes. It was shown that electron transfer from the active site to 
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the electrode from a distance as far as 150nm was possible and the rate of 

electron transfer was dependent on the length of the SWNT. Using a layer by 

layer electrostatic assembly approach, the glucose oxidase modified SWNTs with 

cationic redox polymers on the electrode surface showed current densities of 

440µA/cm2, which is 2-fold higher than that with SWNTs alone [12]. Layers of 

repeating glucose oxidase modified SWNT (GOx/SWNT) and a cationic redox 

polymer was formed on the electrode surface and it was shown that 75% 

catalytic activity was retained even after 30 days. Direct electron transfer of 

glucose oxidase was also shown for CNT/chitsan matrices [11]. The electrode 

was modified with a GOx trapped CNT/chitosan matrix with an electron transfer 

rate of 3.1s-1.  

Besides CNTs, conducting polymers and their composites have also been 

used to facilitate electron transfer to the electrode [14-16]. Electrodes modified 

with nanorods of polyaniline/gold nanoparticles (PANI/Au) composite was shown 

to have a 25-fold increase in electron transfer rate compared to a 

polyaniline/poly(4-styrene-sulfonate) nanorod system. The increase in electron 

transfer rate was attributed to the higher surface area and conductivity of the 

PANI/Au nanorod composite. An amperometric glucose biosensor based on 

trapping GOx in the inner walls of aligned polyaniline nanotubes was also 

demonstrated and showed an electron transfer rate of 5.8s-1 [16]. 

Although there are many methods for assembling the electrodes for 

bioelectrocatalysis of glucose oxidase, systematic studies on assembling the 
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electrode to achieve optimum direct electron transfer between the redox 

enzymes and electrode supports as well as how each parameter affects the 

electron transfer rate has not been studied.  

In this chapter, we will systematically study how the conducting polymer 

thickness and the carbon nanotube arrangement influence electron transfer 

between redox enzymes and electrodes, and therefore influence the enzymatic 

catalytic behavior. Another important aspect of this work is to control the 

orientation of the redox center relative to the electrode surface. We modified the 

electrode surface by in-situ fabrication of polyaniline/ss-DNA-SWNT composites 

with different functional groups. In one case, the composite formed has boronic 

acid functional groups along the polyaniline backbone for binding to native flavin 

adenine dinucleotide (FAD) via its diol moiety. Glucose oxidase was 

reconstituted on the FAD conjugated composite surface to yield an electrically 

contacted enzyme-electrode. In the other case, the composite formed had 

carboxyl functional groups on the polyaniline backbone. This allows FAD that 

was chemically modified with an amine group to bind to the composite. Glucose 

oxidase was then reconstituted following the same protocol. We found that this 

subtle orientation change of the redox center dramatically influences glucose 

binding to the reconstructed enzymes and also their electrocatalytic capability to 

oxidize glucose. The results provide an important fundamental understanding on 

constructing efficient electrode materials for glucose sensors and practical 

enzyme-based biological fuel cell in the future. 
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4.2 Results and Discussion 

4.2.1. Fabrication, optimization, and characterization 

of composite modified electrodes for glucose 

oxidation 

 
The construction of the anode or cathode of an enzymatic biofuel cell 

normally entails the assembly of different molecules and enzymes on the 

electrode surface. This introduces various resistances to the system and 

consequently lowers the power output of the biofuel cell. Leger et al. [17] have 

described redox enzyme modified electrodes as a series of resistors. The 

catalytic efficiency of the enzyme and the electron transfer rate from the active 

site of the enzyme to the electrode are crucial and plays important roles in the 

power output of the system. Scheme 4.1 shows an illustration of how the anode 

will be assembled in this work. As shown, the assembly of the anode consists of 

multiple steps which can contribute to the overall resistance. To minimize 

resistance and obtain the maximum performance, each immobilization step 

shown in Scheme 4.1 was studied and optimized.  
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Scheme 4.1: Illustration showing the assembly of the anode. The gold substrate 
was first modified with a ligand which allows electrostatic binding to negatively 
charged ssDNA/MWNT. After immobilization of ssDNA/MWNT, a thin layer of 
PABA was formed on its surface. A reconstitution approach was used to 
immobilize glucose oxidase to the gold surface. The FAD cofactor was 
immobilized via the boronic acid moiety of PABA. Apo-glucose oxidase was 
finally used to reactivate the enzyme for bioelectrocatalysis  

 

 Based on the results from previous chapters, ssDNA/MWNTs were the 

most efficient type of CNTs in terms of forming polymer composites with high 

conjugation length and conductivity. In addition, the MWNTs can help stabilize 

the polymer from degradation and therefore maintain its high performance in a 

biofuel cell. More importantly, MWNTs have high surface area and through 

surface functionalization enzymes can be loaded onto its surface (direct electron 

transfer) to increase glucose oxidation sensitivity and current density [5]. Direct 

electron transfer between glucose oxidase and CNTs have been shown, however 

in these cases the high overpotential limits its use in practical applications [3, 10]. 

In an attempt to improve the overpotential and current density, we have proposed 

the use of ssDNA/MWNT/PABA composite. From one of our recent works, we 
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found that the electrical performance of SWNT networks can be significantly 

improved by in situ polymerization of a thin layer of PABA on ssDNA/SWNTs 

[18]. The conductance of the formed polymer composite was found to be ~80 

times higher than that of ssDNA/SWNT alone. The higher conductance 

compared to ssDNA/SWNT networks is attributed to the decrease in contact 

resistance between SWNTs by forming a highly conductive polymer layer (PABA) 

along the SWNT surface. Therefore, the use of CNT/polymer composite in 

assembling the anode is expected to have a lower resistance than CNT itself and 

should facilitate electron transfer. Furthermore, the boronic acid groups along the 

PABA backbone can be used to directly and chemically anchor the redox center 

(FAD) to further facilitate direct electron transfer with the electrode surface. This 

reconstitution method is used because it brings the active site in close contact 

with the surface of the electrode. This shortens the distance between them and 

electrons produce during glucose oxidation can travel to the electrode with 

minimal resistance. 

 To optimize the thickness of the PABA layer on the carbon naotubes, we 

determine the amount of monomer necessary to form a highly conductive 

PABA/CNT composite. Both AFM and 4-probe conductance measurements were 

used. Percolation curves of ssDNA/MWNT/PABA for three different ABA 

concentrations are shown in Figure 4.1 As the ABA concentration is increased, 

more polymers are formed on the carbon nanotubes and the conductance of the 

composite decreased, which is very different from those observed in SWNTs [18-
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19]. The reason for this different behavior is not known yet and further studies 

are required. On the other hand, the conductivity of CNTs is much higher than 

that of PABA, therefore forming a thick layer of PABA would act as a semi-

insulating layer. 
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Figure 4.1: Conductance profile for in-situ polymerized ssDNA/MWNT/PABA 
composite with ABA concentrations of (blue) 0.75mM, (red) 1.5mM, (green) 
2.25mM, and (black) 4.5mM  

 

Since the conductance increases consistently with a decrease in polymer 

coating, AFM studies were carried out to determine which concentration of ABA 

is optimal for forming a uniformly thin layer of PABA on the MWNT surface. The 

AFM of the composites formed is shown in Figure 4.2. The composite formed 

using 1.5mM ABA (Figure 4.2a) shows some MWNTs that are only partially 

covered with PABA (white arrows). 2.25mM ABA (Figure 4.2b) shows uniform 
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polymer coating on the ssDNA/MWNTs. 4.5mM ABA (Figure 4.2c) shows thick 

layers of polymer (white arrows) and non-uniform coating. Based on the 

percolation data, the lower concentrations of ABA used for in situ polymerization 

has a higher conductance. However, from the AFM data 2.25mM ABA shows the 

most uniform polymer coating on the ssDNA/MWNT surface. The boronic acid 

moiety on the PABA backbone is used to immobilize glucose oxidase and since 

glucose oxidation efficiency is of interest, 2.25mM ABA was chosen as the 

optimal monomer concentration. Although this is not optimal in terms of its 

conductivity, theoretically it gives the highest boronic acid functional groups on 

the surface. This allows for optimal FAD and enzyme loading and therefore 

should give higher glucose oxidation efficiency.  

 

 

Figure 4.2: AFM images of ssDNA/MWNT/PABA with ABA concentrations of (a) 

1.5mM, (b) 2.25mM, and (c) 4.5mM 

 

 After forming the polymer, the diol group of FAD cofactor was immobilized 

onto the PABA backbone through the boronic acid moiety. Boronic acids are 

known to react with diol groups to form boronate esters [20]. Since FAD is a 

(a) (b) (c) 
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redox cofactor, electrochemical techniques can be used to study the 

electrochemical property of the immobilized FAD and also monitor their loading. 

Figure 4.3a shows a typical CV graph of the FAD modified gold electrode at 

different scan speeds. A characteristic peak at -0.4V is seen and is attributed to 

the oxidation peak for FAD. The CV shows a very small FAD oxidation peak and 

a very large charging current. The small peak may be due to low concentrations 

of FAD immobilized on the surface and the large charging current may be from 

the exposed gold surface. To view the peak more clearly, differential pulse 

voltammetry (DPV) was used (Figure 4.3b). As shown, the peak potential is at ~-

0.45V and is characteristic of the FAD oxidation peak. 
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Figure 4.3: (a) Cylic voltammegram of FAD modified electrode at different scan 

rates. Scan rates range from 9-20V/s. The direction of the arrow in the figure 

indicates increasing scan rate. (b) Differential pulse voltammegram of the FAD 

modified electrode 

 

(b) (a) 
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Another important piece of information that can be obtained from the CV 

curves is if the FAD is actually attached to the modified gold electrode. A linear 

relationship is shown between the peak current and the scan rate (Figure 4.4b), 

which is representative of a surface confined redox species [21]. Therefore, the 

FAD is attached to the polymer composite modified gold electrode. 

 

Electron transfer rate determination using Laviron Anaylsis 

Using cyclic voltammetry, the electron transfer rate of redox active 

molecules like FAD can be determined using Laviron’s theory [22]. At low scan 

rates (<1V/s) the peak-to-peak potential separation (Ep = Epa – Epc) of the FAD 

modified electrodes is ~60mV (not shown in Figure), indicating a reversible 

electrochemical reaction with a fast electron transfer rate. At higher scan rates, 

the Epa shifts to more positive potentials and the Epc shifts to more negative 

potentials. This is because at higher scan rates the system becomes more 

irreversible. The change in peak separation, ∆Ep, can be plotted with the 

logarithm of scan rate to obtain a Laviron plot (Figure 4.3b). By obtaining the 

slope of the linearly fitted curve (red line in the figure), the electron transfer 

coefficient, α, can be determined. Using α, the electron transfer rate constant can 

be determined using the laviron equation: 
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where kET is the electron transfer rate constant, α is the electron transfer 

coefficient, F is Faraday’s constant, R is the gas constant, T is the temperature, n 

is the number of electrons involved in the redox process, Ep is the peak potential, 

and v is the scan rate. 
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Figure 4.4: (a) Typical Laviron analysis plot of FAD oxidation peak (b) peak 

current as a function of scan rate.  

 

 The electron transfer rate constant obtained using the Laviron analysis 

was used as a way to determine the efficiency of the assembled electrode and to 

further optimize other parameters that may affect its performance. As mentioned 

previously, electron transfer rate from the active site to the electrode is important 

for the overall efficiency of the biofuel cell. All molecules used to anchor FAD to 

the electrode surface (between the active site and the electrode) introduce 

resistance which can affect electron transfer rate. Therefore, the optimization of 

all layers of molecules used between the active site and the electrode is 

(b) (a) 
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necessary to improve the efficiency of biofuel cells. From scheme 4.1 and the 

experimental section, we see that the molecules used to immobilize FAD are 1) 

the linkers used to immobilize MWNT to the gold electrode surface, 2) the MWNT 

itself, 3) the polymer coating on the MWNT. Since we have already optimized the 

polymer coating above, optimization of parameters such as the thickness of the 

ssDNA/MWNT used and the different linkers used to attach ssDNA/MWNT to the 

gold surface is necessary. It was found that thick layers of ssDNA/MWNT have 

low FAD electron transfer rates. This is attributed to the large resistance formed 

in the MWNT network. In addition, different linkers used to modify the gold 

surface prior to ssDNA/MWNT immobilization also affect the overall FAD electron 

transfer rate. The use of conjugated linkers showed a slightly higher electron 

transfer rate than hydrocarbon linkers. The conjugated linkers provided less 

resistance than the hydrocarbon linkers. The summary of different optimization 

parameters are summarized in Table 4.1. 

 FAD electron transfer rate 

Thick Layer of MWNT with  

4-aminothiophenol linker 

75s-1 

Thin Layer of MWNT with  

4-aminothiophenol linker 

288s-1 

Thin Layer of MWNT with Cysteamine linker 270s-1 

 

Table 4.1: Table of different parameters and their calculated FAD electron 

transfer rate constant. 
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A reconstitution approach was used to attach the glucose oxidase enzyme 

to the surface of the electrode [23]. Reconstitution involves first separating the 

embedded redox cofactor from the enzyme, which deactivates the enzyme. The 

cofactor is then immobilized onto the electrode surface through different surface 

modification techniques. After immobilization of the cofactor, the apo-enzyme is 

reattached to the cofactor that is immobilized on the surface, reactivating the 

enzyme in the process. This process has the advantage of bringing the active 

site as close to the electrode surface as possible, facilitating direct electron 

transfer. 

The immobilization of FAD, the redox cofactor, can be monitored using 

electrical impedance spectroscopy. Impedance spectroscopy is an 

electrochemical technique which can be used to study transport properties of 

materials as well as electrochemical reactions occurring at interfaces. Impedance 

measures the resistance of a current passing through as a small periodic voltage 

is applied. The potential applied is normally expressed as:  

            

where E is the potential at time t, E0 is the amplitude of the signal and ω is the 

radial frequency (ω = 2 ƒ, where ƒ is the frequency). The current response that 

is phase shifted is expressed as: 
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where I is the current response, I0 is the amplitude of the current, and ϕ is the 

phase shift. Using both Ohm’s Law and Euler’s relationship, the impedance, Z, 

can be expressed as a combination of real and imaginary components: 

      
 

 
    

                   

The real component of the impedance represents the total opposition to 

the passage of current by pure resistance in the system. The complex 

component of the impedance represents the opposition to the passage of current 

due to capacitance and inductance. The impedance of a system can be 

represented graphically as a Nyquist plot (Zimg plotted with Zreal) or a Bode plot (Z 

plotted with ϕ or ƒ). A typical Nyquist plot normally shows a semicircle at high 

frequencies that represents a diffusion controlled process and a linear 

component at low frequencies due to mass transport. From the Nyquist plot, 

various information about the electrochemical reaction at the interface can be 

obtained such as the charge transfer resistance (determined from the diameter of 

the semicircle), the time constant and double layer capacitance (determined from 

the maximum of the semicircle). Electrochemical impedance spectroscopy have 

been used extensively for determining polymer coating efficiencies and fuel cell 

efficiencies [24-25]. 
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Figure 4.5: Nyquist plot of FAD immobilization on polymer composite modified 

gold electrode at different time intervals: (red) 0 mins, (blue) 30 mins, (brown) 60 

mins, (green) 120 mins, and (magenta) 300 mins. The impedance was scanned 

at -0.45V.  

 

In our current case, the voltage applied was -0.45V, which is the same 

potential where the FAD redox reaction occurs. The results are shown in Figure 

4.5. As shown, the impedance decreases as more FAD is loaded onto the gold 

surface.  

 After FAD loading, the immobilization of apo-glucose oxidase to complete 

the reconstitution approach can also be monitored using impedance 

spectroscopy (Figure 4.6). As more apo-glucose is loaded onto the surface, the 

impedance increases. The results shown are comparable to literature [26]. The 

dramatic increase in impedance is due to the insulating shell of apo-glucose 
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oxidase. The insulating shell have been shown to limit the diffusion of redox 

probes to the electrode surface and interfacial electron transfer resistance largely 

controls the impedance [27].  
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Figure 4.6: Nyquist plot of apo-glucose reconstitution on FAD modified gold 

electrode at different time intervals: (black) 1hr, (magenta) 2 hrs, (green) 4 hrs, 

(blue) 5hrs, and (red) 17hrs.  

 

4.2.2. Glucose oxidation of reconstituted enzyme 

modified electrode 

 The optimized GOx modified electrode was then tested for its glucose 

oxidation efficiency. An illustration of the glucose oxidation is shown in scheme 

4.2. As glucose is added to the system, it gets oxidized by the glucose oxidase 

enzyme at the active site. The electron gained from the oxidation process is 
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transferred from the FAD (which is reduced to FADH2 in the process; FAD + 2H+ 

+ 2e- ↔ FADH2) to the polymer composite and then to the electrode. Since the 

apo-glucose was reconstituted onto the gold electrode, the FAD unit is oriented 

so that it is close to the electrode surface, facilitating electron transfer. In 

addition, due to the high conductivity displayed by the conducting polymer 

composite and its high surface area which allows higher loading of the enzyme, 

an enhanced glucose oxidation rate is expected.  

 

Scheme 4.2: Scheme showing the glucose oxidation of the assembled anode 
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Figure 4.7: CV showing glucose oxidation of the assembled anode at different 

glucose concentrations: (black) 0mM, (red) 1mM, (blue) 5mM, (green) 10mM, 

(pink) 20mM, (brown) 50mM 

 

 Glucose oxidation of the assembled anode was monitored using CV 

(Figure 4.7). As shown, higher glucose concentrations causes the current to 

increase at ~0.5V. The increase in current indicates the bioelectrocatalytic 

oxidation of glucose [6]. The unimolecular electron transfer was calculated to be 

~3500s-1, which is ~2.5 times higher than that reported in some literatures [28]. 

The overpotential, which is the difference between the experimental applied 

potential and the standard potential of FAD, of this assembled system is fairly 

high. Currently we do not understand what caused this large overpotential. One 

of the possible reasons is the steric effects imposed by closely immobilized apo-

Gox on the gold electrode surface. Apo-Gox must be bound to FAD in order for it 
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to be active for glucose oxidation.  It is possible that apo-GOx does not bind to 

FAD in a vertical fashion as depicted in scheme 4.2; it may bind at an angle.  If 

two apo-GOx binds very close to each other, sterics can cause inefficient binding 

between the apo-Gox and the FAD therefore reducing its efficiency. 

 To study the steric effect that can be caused by adjacent enzymes 

attached to the electrode surface, the polymerization method was modified. 

Instead of using just ABA monomer to form the polymer on the MWNT surface, 

ABA monomers were copolymerized with ANI monomers (which have no 

functional groups). The purpose of this is to decrease the amount of boronic acid 

groups on the surface of the formed polymer. If the concentration of boronic acid 

groups decreases then the amount of FAD attached to the surface should also 

decrease. If the hypothesize proposed above is true then decreasing the FAD 

loading on the surface should increase the biocatalytic oxidation of glucose. The 

glucose oxidation of the copolymerization of different ratios of ABA to ANI is 

shown in Figure 4.8. From the figure, as the concentration of ABA decreases the 

catalytic efficiency also decreases. It appears that the binding of apo-GOx to 

FAD in the current approach to assemble the anode is optimal and no steric 

effects are present.  
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Figure 4.8: Biocatalytic oxidation of glucose with different densities of boronic 

acid groups: (magenta) ABA/ANI = 1, (green) ABA/ANI = 0.75, (blue) ABA/ANI = 

0.5, (red) ABA/ANI = 0.25 and (black) 0% ABA/ANI = 0 

 

4.2.3. Glucose oxidation of enzyme immobilized 

MWNT arrays 

 As mentioned, the assembly of ssDNA/MWNT on the gold electrode may 

not be optimal, thus leading to the high overpotential seen. It is possible that 

when forming the monolayer of ssDNA/MWNT on the surface, most of the 

ssDNA/MWNTs are attached to the surface of the electrode where the 

longitudinal axis is parallel to the electrode surface. In this case, a large portion 

of the ssDNA/MWNT is not used for immobilization of the enzyme, thus 

decreasing enzyme loading efficiency. In addition, the electrostatic immobilization 
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of the ssDNA/MWNT to the electrode may also introduce large contact resistance 

between the tubes and the electrode surface. To solve this problem, we 

purchased vertically aligned MWNT arrays directly grown on a metallic surface 

(NanoLab) and used them as our electrode surface.  The SEM image of the 

aligned MWNT arrays is shown in Figure 4.9. The surface of the aligned arrays is 

fully covered with MWNTs and has a very high surface area, allowing more 

enzymes to be immobilized. It is expected that the MWNT arrays will help 

increase the enzyme loading, catalytic efficiency and lower the overpotential. 

 

 

 

 

Figure 4.9: SEM image of MWNT array 

 

10µm 
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 The polymerization of ABA and the immobilization of FAD were performed 

using the same approach for the dispersed ssDNA/MWNT. The CV for the FAD 

modified MWNT array is shown in Figure 4.10. Using the Laviron analysis, the 

FAD electron transfer rate was determined to be ~500s-1, which is much faster 

than that reported in literature [15].  
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Figure 4.10: CV of FAD modified MWNT array at different scan rates. Scan rates 
are from 9-20V/s. The direction of the arrow in the figure indicates increasing 
scan rate. 

 

 The biocatalytic oxidation of glucose was also tested for the enzyme 

immobilized MWNT array. The results are show in Figure 4.11. In Figure 4.11a, 

the current obtained for the glucose oxidation is ~3 orders higher than the 

dispersed ssDNA/MWNT shown in Figure 4.7. In addition, the overpotential is 

less than that of the dispersed ssDNA/MWNT approach. Glucose oxidation is 
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shown to occur at ~0.35V for the array, which is 150mV less positive than the 

dispersed ssDNA/MWNT constructed electrodes. Although there is an 

improvement, the overpotential is still fairly large. Figure 4.11b shows the 

Michaelis-Menten graph of glucose oxidation using the MWNT array. In enzyme 

kinetics, the turnover rate or kcat can be determined from Vmax and the enzyme 

concentration. Using the figure and the total surface coverage of enzymes 

molecules, the kcat for the MWNT array was determined to be ~3x104s-1.  The 

turnover rate is ~6 times larger than that reported by Xiao et al [6].  

0.2 0.3 0.4 0.5 0.6 0.7

0

2

4

6

8

10

12

 

 

C
u

rr
e

n
t 

(A
)

Voltage (V)
0 200 400 600 800

0

2

4

6

8

10

12

14

 

 

C
u

rr
e

n
t 

(m
A

)

Glucose Concentration (mM)  

Figure 4.11: (a) Biocatalytic oxidation of glucose using the MWNT array at 

different glucose concentrations: (black) 0mM, (red) 1mM, (blue) 5mM, (green) 

10mM, (magenta) 20mM, (olive) 50mM, (blue) 200mM, (brown) 400mM, and 

(pink) 800mM. The inset shows a zoom in image of the biocatalytic oxidation at 

lower glucose concentrations. (b) Michaelis-Menten graph of biocatalytic 

oxidation of glucose using the MWNT array.  
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4.2.4. Effect of enzyme orientation on glucose 

oxidation 

 It is well known that the orientation of the enzyme when binding with a 

substrate is very important for its catalytic efficiency. Inspired by this, we 

controlled the orientation of glucose oxidase immobilized on the electrode 

surface and studied their biocatalytic efficiency. This was accomplished by 

orienting the FAD molecule in different positions and immobilizing it to the 

surface. Figure 4.12 shows the structure of FAD. The anode that was assembled 

for glucose oxidation combined the boronic acid group of PABA and the diol 

group of FAD to form a boronate ester. Buchmann et al [29] have shown that 

FAD can be modified at the adenosine. Using this approach, Katz et al [30] 

modified the adenosine with a ferrozine and use it for glucose oxidation. The 

ferrozine acted as a mediator for electron transfer to the electrode surface. 

Motivated by the number of places that FAD can be modified, we believe that it 

can be immobilized on the electrode in different ways. The orientation which FAD 

is used to immobilize onto the electrode surface can impact the how the enzyme 

apo-enzyme is oriented as well. This may influence the catalytic efficiency of 

glucose oxidation. 
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Figure 4.12: Chemical structure of (a) FAD and (b) FAD-NH2 

  

 

 To test the catalytic efficiency of the enzymes that is oriented differently on 

the gold electrodes, 3-aminobenzoic acid monomers (ANI-COOH) were used. 

Structurally, ANI-COOH is similar to ABA. The only difference is that instead of 

having a boronic acid functional group, ANI-COOH has a carboxyl functional 

group. The polymerization of the monomer to form the thin layer of polymer on 

the surface of the ssDNA/MWNT was the same. The immobilization of FAD onto 

the electrode, however, is different. FAD was first modified at the adenosine 

group to obtain N6-(2-aminoethyl)-FAD (FAD-NH2). Using EDC/NHS coupling 

chemistry, FAD-NH2 was covalently attached to the PANI-COOH backbone. 

Using impedance spectroscopy, the resistance from both FAD and the apo-

glucose oxidase was kept the same. This implies that if the orientation does not 

(b) (a) 
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influence the glucose oxidation efficiency then the results from both samples 

should be similar.   
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Figure 4.13: Michaelis-Menten graphs of enzyme modified gold electrodes using 

(a) ABA monomers and (b) ANI-COOH monomers 

 

 The biocatalytic oxidation of glucose was performed using both assembled 

anodes and the Michaelis-Menten graphs are shown in Figure 4.13. Based on 

the data, it appears that the approach using ANI-COOH has a higher catalytic 

efficiency (lower glucose concentrations are needed to obtain same current). 

Therefore by changing the orientation of the FAD immobilized on the surface of 

the electrode, we can possibly improve the overpotential further. Since the 

resistance between the active site and the electrode surface is kept the same, 

the changes seen are due to orientation effect on glucose oxidation efficiency. 

The Michealis-Menten constant (Km) can also be obtained from the graph. Based 

on the Km, glucose binding with glucose oxidase is stronger for the approach 

(a) (b) 
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using PANI-COOH than PABA. Further studies are needed for a deeper 

understanding of the interesting phenomenon shown. 

 

4.3 Conclusion 

 In summary, we have developed an approach to assemble the anode of a 

biofuel cell with high electron transfer efficiency. This was accomplished by using 

ssDNA/MWNT/PABA composites. Thin layer polymer composites have the 

advantage of high conductivity due to a low contact resistance and high surface 

area for enzyme loading. It was also found that parameters such as the thickness 

of polymer layer, thickness of MWNT layer and the linker used to modify the 

electrodes can affect the electron transfer rate. Using all the optimized conditions 

the biocatalytic oxidation of glucose showed a turnover rate of 3500s-1. To 

improve the efficiency and overpotential, vertically aligned MWNT arrays were 

used. The MWNT arrays have a higher surface area than the dispersed 

ssDNA/MWNT and its surface is fully covered with MWNTs. The same approach 

was used to assemble the MWNT array and the biocatalytic oxidation was 

studied. The MWNT array showed a turnover rate of 3x104s-1, which is much 

higher than those reported in literature. Through surface modification, the 

enzymes were immobilized onto the surface with different orientations. It was 

shown that the FAD immobilized through the adenosine moiety had a higher 

catalytic efficiency than FAD immobilized through the diol moiety of the ribose 

sugar. Using the studies shown in this chapter, biofuel cells with very high 
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catalytic efficiencies and power output can be made through surface engineering 

of carbon nanotubes. 
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4.4 Experimental 

 

4.4.1. Reagents 

3-aminophenylboronic acid hemisulfate salt, 3-aminobenzoic acid, potassium 

fluoride, 4-aminothiophenol, molecular sieves (3Ǻ), 3-mercaptopropionic acid, 

MES hydrate, ammonium sulfate, sodium acetate, sodium chloride, potassium 

phosphate monobasic, potassium phosphate dibasic trihydrate, glucose oxidase, 

flavin adenine dinucleotide disodium salt, and N-(3-Dimethylaminopropyl)-N’-

ethylcarbodiimide hydrochloride were all purchased from Sigma Aldrich. N-

Hydroxysulfosuccinimide sodium salt was purchased from Fluka Analytical. 

Sodium hydroxide and ethyleneimine were purchased from Fischer Scientific. 

Sulfuric acid was purchased from pharmco-aaper. Beta-D-Glucose was 

purchased from MP Biomedicals. Single walled carbon nanotubes were 

purchased from Unidym. Multiwalled carbon nanotubes were purchased from 

Nanolab. All chemicals purchased were used without further purification. Single 

stranded DNA with sequence d(T)30 (ssDNA(30T)) was purchased from 

Integrated DNA Technologies. 
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4.4.2. Dispersion of CNTs into aqueous solution 

CNTs were dispersed into deionized water using a method previously described 

by Zheng et al [31]. Briefly, a suspension of CNTs and DNA underwent high 

powered sonication using a Sonics Vibra-Cell VCX 130 in deionized water. The 

sonication process was performed in an ice-water bath to prevent local heating of 

the CNT which may cause unnecessary scission of CNT. After sonication, the 

sample was centrifuged with a Beckman J2-21 centrifuge at 6000g to remove 

undispersed CNT. To remove free DNA, the solution was dialyzed with a 

Microcon YM-50 centrifugal filter unit (Millipore) for 2 hours. The resulting 

solution consists of highly dispersed and functionalized DNA-CNTs with a mass 

concentration of 200-500mg/L. The electronic structure of the dispersed DNA-

CNTs was characterized by UV-Visible spectroscopy. 

 

4.4.3. Preparation of ssDNA/MWNT functionalized 

gold electrodes 

 
ssDNA/MWNTs were immobilized onto the gold electrode surface through 

electrostatic interactions. This was accomplished by placing the gold electrode 

surfaces into a solution containing 30mM of 4–aminothiophenol and left to react 

overnight. The gold surfaces were then rinsed with deionized water, placed in a 

solution of ssDNA/MWNT and left to react overnight. The gold electrode surfaces 

were dried and cleaned, leaving a monolayer of ssDNA/MWNT. 



146 
 

 
 

 

4.4.4. In-situ fabrication of self-doped 

ssDNA/MWNT/polymer nanocomposite 

 
An aqueous solution of 2.5mM ABA (or 2.5mM ANI-COOH) monomer and 40mM 

KF prepared with 0.05M sulfuric acid was subsequently added to the surface of 

the immobilized ssDNA/MWNT functionalized gold electrode surfaces. It was 

allowed to react for 2hrs. The modified gold electrodes were then washed and 

dried. Afterwards, 100uL of 0.05M sulfuric acid solution was added to the gold 

surface and the polymerization was initiated by APS, the oxidizing agent. A total 

of 13uL APS (40mM) was slowly added over the course of 2hrs. The 

polymerization reaction was performed at low temperatures (4°C) to obtain highly 

conjugated PABA and to prevent side reactions such as polymer branching. After 

the last addition of APS, the sample was left to further polymerize for an 

additional hour. The ssDNA/MWNT/polymer gold surface was then washed with 

deionized water to remove free monomers, APS, KF, and other non-bound 

materials.  
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4.4.5. Characterization of self-doped CNT/polymer 

nanocomposite on gold substrate 

The MWNT/polymer nanocomposites were characterized using cyclic 

voltammetry (CV). The electrochemical cell was assembled using the composite 

modified gold electrode as the working electrode. To verify that polymers were 

formed, the potential was scanned from -0.2V to 0.7V. The presence of 

characteristic oxidation and reduction peaks in this potential range were used to 

confirm the formation of both polymers (PANI-COOH and PABA) on the 

ssDNA/MWNT surface. 

 

4.4.6. Immobilization of FAD and FAD-NH2 on 

ssDNA/MWNT/polymer composite modified gold 

surface 

 

4.4.6.1. Immobilization of FAD on ssDNA/MWNT/PABA 

8mM FAD was prepared using 0.1M PBS solution (pH 7.0). The FAD solution 

was added onto the ssDNA/MWNT/PABA modified gold surface and allowed to 

react for 2hrs. During this time, the boronic acid moiety on the PABA backbone 

reacts with the diol moiety of FAD and a boronate ester is formed. After 

immobilization of FAD, the modified electrode was rinsed with 0.1M PBS solution 

(pH 7.0) to remove unreacted FAD. 
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4.4.6.2. Immobilization of FAD-NH2 on ssDNA/MWNT/PANI-COOH 

 
An EDC/NHS mixture (1 to 2.5 ratio) was added to the ssDNA/MWNT/PANI-

COOH modified gold surface and allowed to react for 1hr. During this process, 

the carboxyl group on the polyaniline backbone becomes activated. A solution of 

N6-(2-Aminoethyl)-FAD (FAD-NH2) (prepared as described in reference [32]) in 

0.1M PBS (pH 7.0) was added to the EDC/NHS mixture and allowed to react for 

an additional 2hrs. The activated carboxyl group will covalently link with the 

primary amine group of the FAD-NH2. After immobilization of FAD-NH2, the 

modified electrode was rinsed with 0.1M PBS solution (pH 7.0) to remove 

unreacted FAD-NH2. 

 

4.4.7. Characterization of FAD and FAD-NH2 modified 

gold electrodes 

The FAD and FAD-NH2 modified electrodes were characterized using cyclic 

voltammetry (CV). To verify that FAD was attached to the CNT/polymer 

composite on the gold electrode, the potential was scanned from -0.8V to 0V. 

The presence of a characteristic oxidation peak at ~-0.45V indicates the 

presence of FAD and FAD-NH2. 
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4.4.8. Preparation of apo-glucose oxidase 

Apo-glucose oxidase was prepared using a method previously reported by 

Swoboda [32]. Briefly, saturated ammonium sulfate solution was prepared. The 

solution was acidified to a pH of 1.4 using concentrated sulfuric acid. 10mg/L of 

glucose oxidase was slowly added with stirring to 5mL of the acidified ammonium 

sulfate solution at 4°C. The acidic ammonium sulfate solution causes the FAD 

cofactor to detach from the glucose oxidase enzyme, making it inactive. The FAD 

was removed by centrifugation at 15,000 rpm for 15 mins. The precipitate was 

dissolved and neutralized with sodium acetate (2.5M) and the process was 

repeated until the supernatant was clear. The final product was dissolved in 0.1M 

PBS buffer (pH 7.0).  

 

4.4.9. Reconstitution of apo-glucose oxidase 

Apo glucose oxidase was added to the FAD modified gold electrode and allowed 

to react for 5hrs. During this process, the FAD binds back to the apo-glucose 

oxidase and activates the enzyme again. After immobilization, the enzyme 

modified electrode was rinsed with 0.1M PBS solution to remove unreacted apo-

glucose oxidase. 
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4.4.10. Glucose oxidation 

The electrochemical cell was set up again using the reconstituted apo-glucose 

oxidase modified gold electrode. Glucose oxidation was monitored using CV 

measurements and the potential range used was from 0V to 0.7V. 0.1M PBS (pH 

7.0) was used as the electrolyte solution. The CV was measured for the different 

concentrations of glucose added. 

 

4.4.11. Characterization 

 

4.4.11.1. UV-Visible Spectroscopy 

All UV spectra were acquired with a Cary 500 UV-Vis-NIR spectrophotometer.  

The spectra were collected over the range of 200-1100 nm. In preparing the 

samples for UV-Vis spectral analysis, an aliquot of the solution was taken and 

diluted in 3 mL of de-ionized water.  

 

4.4.11.2. Atomic Force Microscopy 

AFM images were obtained with a tapping mode atomic force microscope 

(Nanoscope III A, Digital Instruments). Samples were prepared by depositing 5uL 

of solution onto freshly cleaved mica surface. After incubating for 5 minutes, the 

mica surface was rinsed with de-ionized water and dried with nitrogen. 
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4.4.11.3. 4-probe conductance measurements 

Percolation-like conductive behaviors of the ssDNA/MWNT composites were 

studied using a 302 manual four point resistivity probe (Lucas Laboratories). 

Films with different thickness were prepared by vacuum filtration using an 

Anodisc 47 Inorganic membrances with a 200nm pore (Whatman Ltd). After 

filtration, the thin films were dried in vacuum for 15-20 mins prior to sheet 

conductance measurements. 

 

4.4.11.4. Electrochemical measurements 

Cyclic voltammetry and electrochemical impedance measurements were carried 

out with a CH Instrument 760C series electrochemical station. The 

electrochemical reactions were performed in a homemade Teflon cell (0.25cm2) 

using a typical three-electrode cell system. Modified gold substrate (prepared by 

depositing 100nm gold on a Si wafer with a 10nm Ti buffer layer) was used as 

the working electrode, a platinum wire was used as the counter electrode, and a 

silver wire was used as the reference electrode (silver electrode was calibrated 

against the standard Ag/AgCl reference electrode). The electrolyte used in the 

impedance study of FAD immobilization is PBS buffer. Redox probes K3Fe(CN)6 

was added to study the impedance of apo-glucose immobilization. 
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Chapter 5 

Carbon Nanotube Plasmon: Sensitive 

and selective detection of Fe (III)  

 

5.1 Introduction 

Iron is an important trace element that is widely found in nature. It is 

essential for the growth and metabolism of all organisms. Despite its abundance 

found in the earth’s crust (5.6%) [1], dissolved iron is found in extremely low 

concentrations in many oceans and aquatic systems (0.05-2nM) [2-3]. The 

availability of iron limits the primary ecological productivity of marine 

phytoplankton and the associated uptake of carbon dioxide for about 40% of the 

world’s oceans. This would disrupt and have a huge impact on the carbon cycle 

[2, 4]. Therefore, changes in ocean iron supply may have a significant effect on 

atmospheric carbon dioxide concentrations and cause global climate change. 

Water erosion, rainwater and atmospheric dust are some of the important 

sources of iron that fertilize the oceans [4-7].  

 Currently, the selective detection of iron in the atmosphere as well as in 

the oceans is extremely challenging. This is mainly due to its low concentrations 

and the presence of many other metal ions which can cause interference during 

the detection process [2]. Furthermore, in situ sampling and measurement of iron 

is important for ocean ecological studies because it helps maintain sample 
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integrity, thus providing more accurate data. Therefore, large and vibration-

sensitive instruments such as atomic absorption spectroscopy (AAS) and 

inductively coupled plasma-mass spectroscopy (ICP-MS) are not suitable, 

despite their high sensitivity and multi-element analyses capability. 

Consequently, methodologies for iron determination having high sensitivity, 

selectively, reliability, and portability are being developed. 

 Over the past years, different methods for iron determination have been 

proposed. Some of these methods include adsorptive cathodic stripping 

voltametry (AdCSV) [8], flow injection analysis coupled with fluorescence 

spectroscopy (FIA/F) [9], and online preconcentration coupled with 

spectrophotometry (OP/S) [10]. In most detection methods, which includes the 

three mentioned, a tedious approach involving the preconcentration of iron ions 

is required. In AsCSV, iron is first extracted from the sample by complexation 

with a binding ligand. This iron-ligand complex is then adsorbed onto the working 

electrode for stripping analysis. Similarly, in both FIA/F and OP/S, an extraction 

and preconcentration of iron is necessary. Sayour et al. [9] have demonstrated 

that the used of fluorescent binding ligands can be used to determine iron 

concentration. Once the iron-ligand complex was formed, fluorescence 

quenching was observed. Although all these methods are innovative and have 

fairly high sensitivity, their detection limits is insufficient for determining the low 

iron concentration in oceans. In addition, extraction and preconcentration of iron 

in the original sample is required. 
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 In this chapter of the thesis, we have developed a highly sensitive and 

selective method for Fe (III) detection that does not require 

preconcentration of the sample and can detect iron in the picomolar range. 

This was accomplished by surface modification of the carbon nanotube surface 

with a selective Fe (III) siderophore. We observed that the plasmon band of 

SWNT showed high sensitivity upon complex formation with iron. To the best of 

our knowledge, this is the first case where the plasmon band of SWNTs is used 

for the detection of iron. Although the data presented are preliminary findings, we 

envision that it can be used to develop other sensing devices when specific 

binding chelators are attached to the carbon nanotube surface. 

 

 

 

 

 

 

 

 

 



158 
 

 
 

5.2 Results and Discussion 

 

5.2.1. DFO iron chelator 

In response to iron limited environments, certain bacteria and fungi are 

able to synthesize large amounts of siderophores. Siderophores are low 

molecular weight molecules with high affinity and specificity for iron. Due to these 

attractive features, various natural and synthetic siderophores have been used 

for selective and sensitive detection of Fe (III). One of the most common 

siderophores is deferoxamine (DFO). It is a natural bacterial siderophore that can 

form a very stable hexadentate iron chelate complex with a stability constant of 

about 1031 M-1 [11-12]. The structure of DFO and its complex with iron is shown 

in Figure 5.1. Note that the DFO siderophore change its conformation upon 

binding with Fe (III) [13]. 

 

DFO-Fe (III) Complex 
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Figure 5.1: Structures of DFO, PL-PEG-COOH, and DFO-Fe (III) chelate 

complex 

 

The binding of DFO to Fe (III) forms a chelate complex with a high molar 

absorptivity, and thus can be monitored using spectrophotometric techniques [2]. 

The UV-Vis spectrum (Figure 5.1, red curve) of the chelate complex shows a 

characteristic peak at ~430nm and is attributed to ligand-to-metal charge transfer 

(LMCT) [14]. From Figure 5.2, it can clearly be seen that the detection sensitivity 

for free DFO binding to Fe (III) is low (micromolar range) and an extremely high 

concentration (300µM) is needed to show a distinct absorption.  
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Figure 5.2: UV-Visible spectrum showing (black) DFO dissolved in nitric acid, 

(blue) DFO with 10nM Fe (III) in nitric acid and (red) DFO with 300µM Fe (III) in 

nitric acid. 

 

5.2.2. Preparation of characterization of PL-PEG-

COOH/SWNT 

To improve the detection limit, we turn our attention to the use of single 

walled carbon nanotubes (SWNTs). Their unique structure and electronic 

properties have attracted researchers over the past decade to study and develop 

SWNT based sensors. Utilizing the high surface area of SWNTs, DFO molecules 

were attached onto the SWNT surface through surface functionalization. This 

method is illustrated in scheme 5.1. To preserve the electronic properties of the 

SWNTs, phospholipid polyethylene glycol with a carboxyl functionality (PL-PEG-

COOH) (structure shown in Figure 5.1) were adsorbed onto the SWNT surface 
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using a method previously proposed by Kam et al. [15]. As shown in the scheme, 

the hydrophobic phospholipid tail is absorbed onto the SWNT surface and the 

hydrophilic portion is exposed to the aqueous environment. 

 

Scheme 5.1: Scheme showing the surface modification of carbon nanotubes for 
sensitive and selective detection of Fe(III). Pristine SWNTs are first dispersed 
with PL-PEG-COOH by probe sonication method followed by EDC/NHS coupling 
with DFO. This method ensures that the electronic properties of the SWNTs are 
intact and high concentrations of DFO are on the SWNT surface. 
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  The attachment of PL-PEG-COOH to the SWNT surface results in 

individually dispersed and functionalized SWNTs as seen in the AFM images 

(Figure 5.3a). From the image, the PL-PEG-COOH/SWNTs were mostly single 

nanotubes with a few small bundles. The height of the SWNTs was measured to 

be approximately 1.5nm and the lengths ranged from 50 to 200nm.  

The electronic structure of PL-PEG-COOH dispersed SWNTs was also 

studied using UV-Vis-NIR spectroscopy. Figure 5.3b displays the characteristic 

spectrum of the PL-PEG-COOH dispersed SWNTs. There are two extremely 

strong absorptions peaks located at the UV region with absorption maximum at 

246 nm and 275 nm, respectively. For the first time ever, we will exploit these two 

strong absorptions to develop a sensitive and selective approach to detect Fe 

(III) ions. These two peaks have been observed and studied by several groups; 

however, their origin is of great interest and is still widely debated [16]. It is 

known that graphite exhibit two  plasmon bands (collective oscillations of  

electrons) in the ultraviolet frequency region, which are originated from the 

anisotropic optical properties of graphite [17-18]. The imaginary parts of the 

dielectric function in the direction perpendicular to the c-axis of graphite (Im) 

has a maximum at 4.5 eV (275.8 nm) and the other in the direction parallel to the 

c-axis (Im- 
-1
 is at ~ 5.25 eV (236 nm) [18]. These two peaks are commonly 

observed in carbon materials such as carbon nanotubes, fullerenes, and 

amorphous carbon [19-26]. The peak positions may vary depending on the 

geometries of the carbon nanomaterials, the existence of defects, and the 
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interaction between the carbon nanomaterials with its environment. The 

absorption maximum at 275 nm and 246 nm in PL-PEG-COOH/ SWNTs may 

originate from the maxima in Im and Im- 
-1
 of the graphite and correspond 

to orientations parallel and perpendicular to the SWNT axis, respectively.  
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Figure 5.3: (a) AFM image of PL-PEG-COOH dispersed SWNT. (b) UV-Vis 
spectrum of PL-PEG-COOH dispersed SWNT. 

 

Similar to ssDNA/SWNT, the UV-Vis-NIR spectrum of PL-PEG-

COOH/SWNT also shows fairly strong van Hove singularities from 400 nm to the 

NIR region. This part of spectrum is dominated by the absorptions from inter 

band transitions, which have  been the focus of both fundamental and applied 

studies due to its possible application in various in vitro and in vivo bioimaging. 

The first van Hove singularity transition of semiconducting SWNTs(sE11) is in the 

wavelength range of 800  to 1600nm. Their second van Hove transition (sE22) is 

from 550 to 900nm, which slightly overlaps with the first transition. The first van 

246nm 

275nm 
(b) 

(a) 
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Hove singularity transition for the metallic SWNTs(mE11) falls in the range of 400 

to 600nm. Notice that the van Hove singularities are not extremely prominent as 

in the case of ss-DNA dispersed SWNTs, indicating that small bundles may exist 

as confirmed in the AFM image (Figure 5.3a).  

Another interesting phenomenon worth mentioning is that this part of 

spectrum also shows small while obvious background absorption from the 

SWNTs. This background has been attributed to the non-collinear -plasmon 

absorption at ~ 5.25 eV extending into the lower energy region and therefore is 

an intrinsic optical property of SWNTs originating from the corresponding 

property of graphite parallel to its c-axis (Im- 
-1
. So the overall spectrum in this 

region (from 400 nm to 1200 nm) is a superposition of absorptions due to the 

various van Hove singularity transitions and the  plasmon backgrounds.  

 

5.2.3. Sensitive detection of Fe (III) using PL-PEG-

COOH/SWNT/DFO complex 

 The DFO iron chelator was covalently attached to the individually 

dispersed PL-PEG-COOH/SWNT by EDC/NHS coupling chemistry. EDC/NHS 

coupling activates the carboxyl group of PL-PEG-COOH and covalently links it to 

the amine group of DFO. UV-Vis spectroscopy was then used to detect Fe (III) 

using the formed PL-PEG-COOH/SWNT/DFO complex. Solutions were prepared 

in low pH (pH 2) for efficient Fe (III) – DFO binding [27]. Different concentrations 
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of Fe (III) were added to the PL-PEG-COOH/SWNT/DFO and the UV spectrum 

was obtained (Figure 5.4). The peak intensity at ~430nm was absent but 

surprisingly, the absorption from 246 and 275nm decreased as the concentration 

of iron was increased. This response is highly sensitive to Fe (III) that even 

picomolar concentrations of Fe (III) can be detected. Since there was no 

precipitate formed after the addition of Fe(III), the absorption decrease is most 

likely not due to the formation of aggregates and most likely a response from the 

binding interaction between the PL-PEG-COOH/SWNT/DFO with the Fe(III). 
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Figure 5.4: UV spectrum of PL-PEG-COOH/SWNT/DFO in the presence of 
(black) 0pM, (red) 10pM, (green) 30pM, (blue) 50pM, (cyan) 70pM, and 
(magenta) 90pM of Fe (III) standard solution. 
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5.2.4. Proposed Mechanism 

 Based on the data, we hypothesize that the decrease in the absorption 

band centered at ~260-270nm is a result of the interaction between the plasmon 

band of SWNT and Fe (III) ions. Recently, Choi et al. [28] have shown that 

plasmonic resonance energy transfer (PRET) can occur between highly selective 

metal–ligand complexes and the plasmon band of gold nanoparticles. It was 

suggested that PRET can occur when the electronic absorption band of the 

metal–ligand complex matches the Rayleigh scattering frequency of the gold 

nanoparticle. In a similar manner, we believe that PRET can occur between 

SWNTs and DFO-Fe (III) complexes. Although the plasmon band of SWNT does 

not directly match that of the electronic absorption of DFO-Fe(III) complex, PRET 

is still possible due to its highly dispersive nature. As stated earlier, the plasmon 

band of SWNT can be extend to the lower energy regions, which is the main 

optical backgrounds for the van Hove singularity transitions from 400nm to the 

NIR range (400 nm-1200nm). Therefore, the mechanism for the detection of Fe 

(III) using PL-PEG-COOH/SWNT/DFO complex may be due to PRET. In 

addition, we believe that the PL-PEG-COOH may contribute to the Fe (III) 

detection sensitivity. The long and flexible PEG chain may be able to bring the 

DFO-Fe (III) complex closer to the surface, therefore increasing the PRET 

efficiency and sensitivity as shown in scheme 5.1. In addition, PL-PEG-COOH is 

noncovalently adsorbed onto the SWNT surface. This preserves the conjugated 



167 
 

 
 

structure and electronic properties of the SWNTs, including their strong  

plasmon band.   

 

5.2.5. Detection of Fe (III) using MF-SWNT/DFO 

complex 

 To investigate if PL-PEG-COOH plays an important role in the sensitive 

detection of Fe (III), the procedure used in scheme 5.1 was modified. Rather than 

dispersing SWNT in the presence of PL-PEG-COOH, microwave radiation was 

used to induce carboxyl groups on the SWNT surface (scheme 5.2). Microwave 

treatment of SWNT in concentrated acid solution converts the sp2 hybridized 

carbon surface to sp
3
 hybridized. After the introduction of carboxyl groups to the 

SWNT surface, EDC/NHS coupling was used to covalently link DFO molecules to 

the microwave functionalized SWNTs (MF-SWNT).  
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Scheme 5.2: Scheme showing the surface modification of carbon nanotubes for 
the detection of Fe(III) using microwave radiation approach. Pristine SWNTs are 
first treated with microwave radiation in concentrated acid. This allows the 
formation of –COOH groups on the surface of the SWNT. Unlike the approach in 
scheme 1, the surface of the SWNTs is destroyed using microwave radiation. 
Carboxylation of SWNT was followed by EDC/NHS coupling with DFO.  

 

The detection of Fe (III) with MF-SWNT/DFO is shown in Figure 5.5. The 

figure shown is different from the one seen previously and this is due to the 

different baselines used. In the previous spectra, nitric acid solution was used as 
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the baseline and the decrease in absorption seen remains in the positive region. 

In this case, the MF-SWNT/DFO complex itself was used as a baseline. The 

main reason for this is to clearly show that the changes seen in the spectrum 

after the addition of Fe (III) is directly due to the interaction with iron and nothing 

else. Similar to Figure 5.4, as the iron concentration is increased, the absorption 

band at ~260nm decreases. This data suggests that the plasmon band is indeed 

interacting with Fe (III). However the detection sensitivity is decreased compared 

to that of PL-PEG-COOH/SWNT/DFO. This helps support the idea that different 

surface and electronic modification of SWNTs can affect the sensitivity. 

Furthermore, the electronic structure of PL-PEG-COOH/SWNTs was largely 

preserved by noncovalent binding between PL-PEG-COOH and SWNTs. The 

long and flexible PEG chain allows the formed DFO-Fe (III) complex access to 

the SWNT surface, facilitating PRET. In contrast, although short bonds are 

formed on the surface of MF-SWNT, they are rigid and prevent the DFO-Fe (III) 

complex from the surface (scheme 2), reducing PRET efficiency. The other 

possibility is that covalent functionalization induced by microwave radiation 

disrupts the plasmon of SWNT and therefore affects its sensitivity for Fe (III). 
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Figure 5.5: UV spectrum showing MF-SWNT/DFO in the presence of (black) 
0pM Fe3+, (red) 120pM Fe3+, (blue) 240pM Fe3+, (pink) 480pM Fe3+, (navy) 
720pM Fe3+, (magenta) 960pM Fe3+, (green) 1.08nM Fe3+, (violet) 1.08nM Fe3+ + 
mixture, and (orange) 1.20nM Fe3+. The mixture contains: 3.3nM Fe2+, 3.3nM 
Cu2+, 3.3nM Mg2+, 3.3nM Pb2+, and 3.3nM Ni2+. Baseline used is PL-PEG-
COOH/DFO, therefore absorptions are negative. 

 

5.2.6. Selective detection of Fe (III) 

 

Metal Ions Pb2+ Fe3+ Fe2+ Ni2+ Cu2+ Zn2+ Cd2+ Al3+ Ca2+ Mg2+ 

Stability 

Constant 

(log k) 

 

10.5 

 

30.6 

 

7.2 

 

10.9 

 

14.1 

 

10.1 

 

7.9 

 

24.1 

 

2.64 

 

4.1 

 

Table 5.1: Stability constants for different DFO-metal ion complex. Values were 
obtained from [29] 
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 In the previous sections, we have found that surface modification of 

SWNT with DFO can increase the sensitivity for Fe (III) detection and detection in 

the picomolar range can be achieved. In this section, the selectivity will be tested. 

It should be noted that despite the strong binding affinity of DFO to Fe (III), other 

metal ions such as those listed in Table 1 can also bind to DFO but with a lower 

binding affinity. The other metal ions can cause interference and lower the 

sensitivity, which is why extraction and preconcentration of iron is usually 

necessary in literature [2, 8-10, 30]. In Figure 5.5, the effect of introducing 

different metal ions is shown for MF-SWNT/DFO. Clearly, different 

concentrations of Fe (III) cause a decrease in the plasmon band. However, when 

other ions were added, the absorption intensity remained essentially constant 

without further decreasing the absorption of the plasmon bands. This suggests 

that the approach used is highly selective to Fe (III) detection.  

 The PL-PEG-COOH/SWNT/DFO complex was also tested for its 

selectivity. In this case, a more systematic approach was studied. Based on 

Table 5.1, the metal ion with the highest binding constant to DFO, besides Fe 

(III), is Al (III) (~1024). In atmospheric dust, the molar ratio of Al to Fe is ~3.5 [31]. 

Therefore, Al (III) may interference with the detection of Fe (III), despite having a 

stability constant that is 6 orders lower. Before testing the interference of Al (III), 

the binding of Al (III) to DFO was tested. The detection of Al (III) using PL-PEG-

COOH/SWNT/DFO is shown in Figure 5.6a. Notice that with increasing 

concentrations of Al (III) the plasmon absorption intensity also decreases. This 
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suggests that PL-PEG-COOH/SWNT/DFO can also be used to detect Al(III). 

Figure 5.6b shows the relative intensity decrease of the plasmon band for both 

Fe (III) and Al (III) detection. The decrease in the plasmon band for the Al (III) 

detection is much smaller than that of Fe (III) detection. This can be due to the 

difference in complex stability between Fe and Al with DFO. Since Fe (III) forms 

a more stable complex with DFO than Al (III), its interaction with the plasmon 

band is stronger thus giving a larger decrease in absorption. This also indicates 

that Al (III) may be able to compete with Fe and cause interference in the 

detection process.  
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Figure 5.6: (a) UV spectrum of PL-PEG-COOH/SWNT/DFO in the presence of 
(black) 0pM, (red) 10pM, (green) 30pM, (blue) 50pM, (cyan) 70pM, and 
(magenta) 90pM of aluminum standard solution. (b) Comparison between the 
relative intensity decrease of (black) Fe(III)-DFO complex and (blue) Al(III)-DFO 
complex. The red line represents the best fit curve. 
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Figure 5.7: UV spectrum of PL-PEG-COOH/SWNT/DFO in the presence of 
(black) 0pM Fe (III), (red) 10pM Fe(III), (green) 100pM Al(III), (blue) 30pM Fe(III), 
and (cyan) 300pM Al(III) solution 

 

 To verify this, both Fe(III) and Al(III) were added to PL-PEG-

COOH/SWNT/DFO and the plasmon change was studied (Figure 5.7). Unlike the 

previous studies where the UV-Vis spectrum was taken after 1 minute reaction 

with iron, all spectra were taken 20-30secs after reaction with iron. The purpose 

of this is to study the competitive binding of Fe and Al. As expected, the addition 

of 10pM of Fe(III) causes the absorption band at ~260-270nm to decrease. This 

was followed by the addition of 100pM of Al(III), which will compete with unbound 

Fe (III) in solution. Due to the higher binding affinity of Fe (III) to DFO, the 

absorption remains relatively unchanged. This process was repeated again with 

an addition of 30pM of Fe(III) followed by 300pM of Al(III). Once again, the 
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absorption intensity decreases upon addition of Fe(III) but changes only slightly 

with high concentrations of Al(III). This helps confirm that the plasmon absorption 

intensity decrease seen is mainly due to Fe (III) and interference from Al (III) is 

minimal. 
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Figure 5.8: UV spectrum of PL-PEG-COOH/SWNT/DFO in the presence of 
(black) 0pM Fe

3+
, (red) 10pM Fe

3+
, (blue) 10uM Ca

2+
, (dark blue) 10uM Mg

2+
, 

(pink) 30pM Fe3+, (olive) 10nM Cu2+, (violet) 10nM Zn2+, (brown) 50pM Fe3+, 
(magenta) 10nM Cd2+, (green) 10nM Pb2+ 

 

 It should also be noted that despite the high affinity of DFO for Fe (III), it 

can also bind to other ions such as Cu (II), Zn (II), Ni (II), as well as other ions 

listed in Table 1 to form complex structures [32]. Besides Al (III), the interference 

from other ions was also tested and is shown in Figure 5.8. Similarly, only the 

addition of Fe (III) showed noticeable decrease in absorption. All other metal ions 

show relatively no response even with fairly high concentrations. 
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5.2.7. Fe (III) detection of natural rainwater 
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Figure 5.9: UV spectrum of PL-PEG-COOH/SWNT/DFO in the presence of 
(black) 0pM, (red) 10pM, (green) 30pM, (blue) 50pM, (cyan) 70pM, and 
(magenta) 90pM of Fe (III) rain water. 

  

In order to determine the feasibility of this iron detection approach for 

practical applications, we attempted to detect the iron concentration in collected 

rainwater. The concentrations of all ions present in the collected rain water were 

determined using atomic absorption spectroscopy (AAS) (data was provided by 

Prof. Yuan Gao from the Department of Environmental Science, Rutgers 

Newark). The rain water was diluted accordingly to obtain the concentrations 

used for the detection of Fe standard solution shown in Figure 5.4. The detection 

of iron at different concentrations is shown in Figure 5.9. As expected, the 

plasmon absorption band decreased with increasing concentrations of iron. More 
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interestingly, the absorption decrease for each Fe(III) addition is comparable to 

that of the Fe standard case, indicating that this method is highly reproducible. 

 

5.3 Conclusion 

 In summary, the novel Fe detection approach presented here is highly 

selective, highly sensitive, and does not require preconcentration of the original 

sample. This allows for in-situ sampling without disturbing the sample itself. The 

sensitive detection of iron was accomplished by utilizing the plasmon band of 

SWNT. Although the data presented are preliminary findings, we envision that it 

can be used to develop other sensing devices when specific binding chelators 

are attached to the carbon nanotube surface. 

 

 

 

 

 

 

 

 



177 
 

 
 

5.4 Experimental 

5.4.1. Reagents 

N-Hydroxysulfosuccinimide sodium salt (NHS), N-(3-Dimethylaminopropyl)-N’-

ethylcarbodiimide hydrochloride (EDC), Deferoxamine mesylate salt (DFO), MES 

hydrate buffer, iron standard solution, and aluminum standard solution were 

purchased from Aldrich and used as received without further purification. Calcium 

chloride dihydrate and nickelous chloride 6 hydrate were purchased from J.T. 

Baker and used as received. Zinc chloride, copper reference standard solution, 

cadmium reference standard solution, and lead reference standard solution were 

purchased from Fisher and used as received. Magnesium chloride hexahydrate 

was purchased from EM science Merck kGaA and used as received. Rain water 

sample was obtained from Prof. Yuan Gao from the Department of 

Environmental Science, Rutgers Newark. Highly purified single-walled carbon 

nanotubes (SWNTs) were prepared by the HiPCO process and obtained from 

Carbon Nanotechnologies. 1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-

[carboxy(polyethylene glycol)-2000] (ammonium salt) (PL-PEG-COOH) was 

purchased from Avanti Polar Lipids Inc. All solutions were prepared using 

deionized water (18.2 M) (Nanopore water, Barnstead). 
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5.4.2. Dispersion of CNTs into aqueous solution 

SWNTs were dispersed into aqueous solution using a method previously 

described by Kam et al. [15]. Briefly, single walled carbon nanotubes were 

suspended in an aqueous solution containing PL-PEG-COOH. The mixture was 

sonicated using a Sonics Vibracell (Model VCX 130) for 90 minutes. The 

sonication process was performed in an ice-water bath to prevent local heating of 

the CNT which may cause unnecessary scission of CNT. After sonication, the 

sample was centrifuged using a Beckman J2-21 centrifuge (Eppendorf 5415C) at 

6000rpm to remove insoluble materials, leaving PL-PEG-COOH dispersed single 

walled carbon nanotubes (PL-PEG-COOH/SWNT). The PL-PEG-COOH/SWNT 

solution was dialyzed using an Amicon Ultra-15 centrifugal filter (Millipore) with 

0.1M MES buffer to adjust its pH to 4.5 prior to EDC coupling. The resulting 

solution consists of highly dispersed and functionalized PL-PEG-COOH/SWNT 

with a mass concentration of 200-400mg/L. The electronic structure of the 

dispersed PL-PEG-COOH/SWNT was characterized using UV-Visible 

spectroscopy. 
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5.4.3. Preparation of microwave-assisted 
functionalization (carboxylation) of carbon nanotubes. 

 

The highly purified SWNTs were processed into water using a method previously 

described by Wang et al. [33]. In a typical reaction, the as-received SWNTs were 

added into a 1:1 mixture of 70% nitric acid and 97% sulfuric acid aqueous 

solution. The mixture was then placed in a CEM “Discover” microwave reactor 

and subjected to microwave radiation for 1 min. The resulting mixture was 

washed, filtered through a 0.2µm pore size filter (Whatman Anodisc), and 

redispersed into deionized water. The resulting solution consists of highly 

dispersed and microwaved functionalized SWNT (MF-SWNT) with a mass 

concentration of 200-300mg/L. The electronic structure of the dispersed MF-

SWNT was characterized using UV-Visible spectroscopy. 

 

5.4.4. Characterization of Fe-free carbon nanotube 
solution  

 

To ensure that the PL-PEG-COOH/SWNTs and the MF-SWNTs used were free 

of Fe catalysts, DFO was added into an aliquot of carbon nanotube water 

solution and mixed. The mixture was then left to react for 2hrs and dialyzed to 

remove free DFO. The UV-Vis spectrum of the filtrated solution (which contains 

no carbon nanotubes) was used to monitor the absorption band at 430 nm, which 
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is attributed to binding between DFO and iron (III). The above process was 

repeated several times until the absorption at 430 nm disappeared. 

 
5.4.5. Preparation of PL-PEG-COOH/SWNT/DFO and 
MF-SWNT/DFO complexes 
 
 
PL-PEG-COOH/SWNT/DFO and MF-SWNT/DFO complexes were prepared by 

EDC/NHS mediated coupling. Briefly, PL-PEG-COOH/SWNT and MF-SWNT 

with a concentration between 200mg/L to 250mg/L was mixed with NHS and 

EDC (2.5 to 1 ratio) in 0.1M MES buffer (pH 4.5). The reaction was allowed to 

proceed for 1 hour. Upon activation of the carboxyl group, the amide bond was 

formed by adding DFO to the mixture and allowing it to react for 2 hours. The 

resulting mixture was subjected to extensive centrifugation and dialysis to 

remove free DFO, NHS, EDC, and unreacted SWNTs.  

 

5.4.6.Characterization of PL-PEG-COOH/SWNT/DFO 
and MF-SWNT/DFO complexes.  

 

The PL-PEG-COOH/SWNT/DFO and MF-SWNT/DFO were characterized using 

a tapping mode Nanoscope IIIa atomic force microscope (AFM) (Veeco 

instrument) in air. AFM samples were prepared by dropcasting diluted DFO 

complexed SWNT solution onto cleaned mica surfaces. The samples were 
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incubated for 3-5 minutes, rinsed with deionized water, and dried in vacuum prior 

to AFM measurements. 

 

5.4.7. Iron detection in PL-PEG-COOH/SWNT/DFO 
and MF-SWNT/DFO complexes.  

 

The detection of Fe was monitored using a Cary 500 UV-Vis-NIR 

spectrophotometer. In preparing the sample for UV-Vis-NIR analysis, an aliquot 

of PL-PEG-COOH/SWNT/DFO or MF-SWNT/DFO was diluted in nitric acid (pH 

2). The UV-Vis-NIR spectrum was acquired after the addition of various 

concentrations of Fe in nitric acid. The samples were allowed to react with iron 

for 1 minute before the spectra were obtained.   

 

5.4.8. Characterization 

5.4.8.1 Ultraviolet-Visible-Near Infrared Spectroscopy 

Spectra were acquired with a Cary 500 UV-Vis-NIR spectrophotometer.  The 

spectra were collected over the range of 200-800 nm. In preparing the samples 

for UV-Vis spectral analysis, PL-PEG-COOH/SWNT/DFO or MF-SWNT/DFO 

was diluted to 3mL with pH 2 nitric acid. 
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5.4.8.2 Atomic Force Microscopy 

AFM images were obtained with a tapping mode atomic force microscope 

(Nanoscope III A, Digital Instruments). Samples were prepared by depositing 5uL 

of solution onto freshly cleaved mica surface. After incubating for 5 minutes, the 

mica surface was rinsed with de-ionized water and dried with nitrogen. 
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Chapter 6 

Enhanced Selective Detection and 

Destruction of Cancer Cells via a 

Noncovalent Functionalization Approach 

 

6.1 Introduction 

Cancer remains as the second leading cause of death in the United States 

even though significant progress has been made in both understanding and 

treatment of cancer during the last thirty years. Non-invasive detection of primary 

cancers at their earliest stages combined with improved therapeutic protocols 

could significantly increase the survival rate of patients. Due to their unique 

optical properties, SWNTs are attractive for early cancer detection and therapy. 

In particular, SWNTs absorb strongly in the near-infrared (NIR) region due to 

their electronic transitions between the first and second van Hove singularities [1-

2]. SWNTs exhibit strong, stable, and unique Raman scattering and they also 

emit fluorescence in the NIR spectral window, showing great potential for 

sensitive detection of cancer cells or markers [3]. Continuous NIR irradiation of 

SWNTs attached to cancer cells produces excessive heat in the local 

environment that can be utilized to achieve selective destruction of these cells 

without harming normal ones [4]. In an effort to improve breast cancer detection 

and therapy, we have developed a novel method which combines the 
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advantages of anti-HER2 IgY antibody with the unique properties of SWNTs.  We 

constructed a HER2 IgY-SWNT complex by directly conjugating the anti-HER2 

IgY antibody to microwave functionalized SWNTs via covalent bonding. The 

Raman and NIR optical properties of the complex were explored and its 

feasibility for detection and selective destruction of cancer cells was tested [5]. 

We found, however, that the SWNT Raman signal from the G band was relatively 

low compared to the Raman background from the cancer cells.  

To increase detection sensitivity, an extensive literature survey was 

performed and it was found that the Raman intensity of pristine CNTs can be 

decreased by a factor of 4 upon oxidation of its sp2 hybridized surface [6]. 

Results from a theoretical study by Irle et al. [7] also showed large reduction in 

peak intensities in the calculated Raman spectra, which was attributed to the loss 

of cylindrical symmetry after introducing oxygen containing groups upon 

oxidation. In addition, it is known that the Raman signal can be dramatically 

increased when the incident or scattered photons are in resonance with an 

optically allowed electronic transition, also known as the Resonance Raman 

Effect. Due to strong electron–phonon coupling, the cross-section of individual 

CNTs under resonant conditions has been estimated to be ~ 10 -21 cm2 sr-1 

molecule -1 [8], which is four magnitudes larger than small aromatic ring systems 

under resonance (typically 10 -25 cm2 sr-1 molecule -1) [9]. The changes in the 

electronic structures of SWNTs arising from covalent modification have been 

probed by optical absorption spectroscopy [10]. It was shown that chemical 
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oxidation or molecular modification causes the optical intensity to decrease. 

Therefore the dramatic decrease in intensity of the Raman bands is possibly due 

to the reduced optical absorption intensity of the chemically modified tubes.  

It was known that the conjugated structures of carbon nanotubes 

dispersed by microwave irradiation is largely disrupted by covalent modification 

[11]. Consequently,    the exceptional low Raman signal from the IgY HER2 

antibody/SWNT complex we constructed earlier is due to the loss of cylindrical 

symmetry and the lack of resonance due to largely deteriorated optical 

absorption. In this chapter, we will retain the intrinsic electronic structure and 

properties of SWNT by directly dispersing highly purified SWNTs with a COOH 

terminated phospholipid–polyethylene glycol (PL–PEG). The phospholipid will 

bind to the nanotube surface via hydrophobic interactions. The PEG chain 

imparts SWNTs water solubility, biocompatibility, and stability against 

aggregation in serum. We chemically conjugate the IgY HER2 antibody to the 

distal end of the PEG chain at the carboxyl group. Our preliminary studies 

demonstrated that the resultant IgY-SWNT complex display improved 

optoelectronic properties for its application in the detection and selective 

destruction of breast cancer cells.  
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6.2 Results and Discussion  

 

6.2.1. Functionalization effects on the electronic 

structure of SWNT  
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Figure 6.1: UV-Vis-NIR spectrum of (a) PL-PEG-COOH/SWNT and (b) MF-

SWNT 

 

 The UV-Vis-NIR spectra for the covalent functionalization of SWNT and 

the noncovalent functionalization of SWNT are shown in Figure 6.1. There is a 

clear difference between these two spectra in the Visible-NIR region. The van-

Hove singularities can be seen in the SWNT dispersed with PL-PEG-COOH but 

not for microwave treated SWNTs. The noncovalent functionalization of SWNT 

preserves its electronic structure. In contrast, covalent functionalization of SWNT 

causes a disruption in the electronic structure [12] as sp2 hybridized carbons on 

the SWNT surface are changed to sp3. As seen in the UV spectrum (Figure 

(b) (a) 
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6.1b), covalent functionalization causes the loss of the distinctive features 

normally seen for individual SWNTs. 

 

6.2.2. Effect of surface modification of SWNT on 

Raman  

 The Raman spectrum of both MF-SWNT and PL-PEG-COOH/SWNT is 

shown in Figure 6.2. In both cases, characteristic bands at ~200-300cm
-1

 

attributed to the radial breathing mode, ~1300cm-1 attributed to the defects on the 

nanotube, and ~1600cm-1 attributed to the tangential mode corresponding to the 

stretching along the SWNT surface are seen. The Raman spectrum for both 

covalent and noncovalent functionalized SWNT also shows a large difference. 

The G band intensity for the PL-PEG-COOH/SWNT (noncovalent) is much 

stronger than that of MF-SWNT (covalent) at the same SWNT concentration. 

This suggests that the electronic structures of SWNTs via noncovalent 

functionlization were largely preserved during functionalization and thus a strong 

Raman intensity is seen. Covalent functionalization of SWNT, however, disrupts 

the electronic structure of SWNT which in turn disrupts the resonance Raman 

Effect causing the intensity of G band to decrease. Another difference seen in the 

Raman spectrum is the D band. The D band for MF-SWNT is much higher than 

that of PL-PEG-COOH/SWNT. Since the D band is usually representative of the 

defects on the nanotubes, this confirms that the covalent functionalization of 

SWNT not only disrupts the electronic structure but also creates more defects. 
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Figure 6.2: Raman spectrum of (red) PL-PEG-COOH/SWNT and (black) MF-

SWNT 

 Based on the data and discussion above, we believe that the noncovalent 

functionalization of SWNT antibodies can enhance the Raman signal of the G 

band and subsequently be used for the detection of cancer cells.  

 Previously we have modified the surface of the carbon nanotubes by 

microwave radiation. This introduced carboxyl groups to the CNT surface and 

EDC/NHS coupling was used to conjugate the antibodies through its amine 

groups. SKBR3 and MCF7 cells were treated with the anti-HER2 IgY antibody 

functionalized SWNT (anti-HER2/SWNT) complex and the Raman spectrum was 

obtained (Figure 6.3). As shown, the Raman signals of the two cell lines are 
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extremely large and spans from 1000cm-1 to 2000cm-1. Furthermore, the Raman 

spectra of receptor negative MCF7 cell line, untreated SKBR3, and SKBR3 

treated MF-SWNT (antibody-free) were all similar. The only spectrum that 

showed a difference in the Raman is the SKBR3 cell line treated with the anti-

HER2/MF-SWNT complex. From the figure, a small peak at ~1590cm-1 is seen 

and is attributed to the G band of SWNTs. This shows the high selectivity of the 

anti-HER2/MF-SWNT complex for SKBR3 cell lines. Although the G band of the 

SWNT can be seen in Figure 6.3, its signal is almost completely covered by the 

Raman backgrounds from the cancer cell lines. 

 

Figure 6.3: Raman spectra of (blue) SKBR3 cell line treated with antibody/SWNT 

complex, (brown) SKBR3 cell line treated with PL-PEG-COOH/SWNT, (magenta) 

untreated SKBR3 cell line, and (brown) MCF7 cell line treated with 

antibody/SWNT complex. Image was obtained from [5] for comparison purposes 
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6.2.3. Raman intensity of anti-HER2/PEG-SWNT 

Scheme 6.1: schematic approach for the noncovalent functionalization of SWNT 
and anti-HER2 IgY antibody. 

 

 Scheme 6.1 shows the approach used to noncovalently functionalize 

SWNT and the antibodies. The noncovalent functionalization of SWNT with PL-

PEG-COOH is described in the previous chapter. The attachment of antibodies 

to the SWNT was achieved by EDC/NHS coupling. EDC/NHS was used to 

activate the carboxyl group of the PL-PEG-COOH for 1hr in MEF buffer with a pH 

of 4.5. After activation of the carboxyl group, the pH of the solution must be 

changed to 6.3 to facilitate antibody binding to the PL-PEG-COOH/SWNT.  
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Figure 6.4: Raman spectra of (blue) SKBR3 cells treated with anti-HER2/PEG-

SWNT, (red) MCF7 cells treated with anti-HER2/PEG-SWNT, (green) SKBR3 

cells treated with PL-PEG-COOH/SWNTs only without conjugation of the anti-

HER2, and (cyan) untreated SKBR3 cells 

 

The Raman spectra of HER2 specific cancer cells (SKBR3) and HER2 

negative cancer cells (MCF7) treated with anti-HER2/PEG-SWNT are shown in 

Figure 6.4. For comparison, the Raman spectra of SKBR3 cells without any 

treatment and treated with only PL-PEG-COOH/SWNT (no antibody) are also 

shown in Figure 6.4.  The untreated SKBR3 cancer cell line show no SWNT 

Raman signal from SWNTs, as expected. The Raman spectra of receptor 

negative MCF7 cell line treated with anti-HER2/PEG-SWNTs and receptor 

positive SKBR3 treated with only the PL-PEG-COOH modified SWNT (antibody-
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free) are similar, showing very low intensity of G band, indicating extremely low 

level of non-specific binding.  It is clear that very strong G band shows up only on 

the SKBR3 cells treated with anti-HER2/PEG-SWNTs, demonstrating that the 

noncovalent functionalized SWNTs have high selectivity for the cancer cells. 

Notice that the intensity of the G band is so strong that it is easily identified from 

the Raman backgrounds of the cell lines, which is in sharp contrast to that of the 

microwave functionalized SWNTs [5]. 

 

6.2.4. Selective destruction of cancer cells 

 Six different samples were prepared and subjected to NIR radiation. The 

confocal fluorescence images after NIR radiation of the six samples are shown in 

Figure 6.5. The green color indicates that the cells are still alive and the red color 

indicates that the cells are dead. NIR radiation of both cell lines shows no effect 

on the cancer cells. In addition, adding only the antibody or the SWNT also have 

no effect of the cancer cells after NIR radiation. MCF7 cells were also treated 

with the anti-HER2/SWNT complex and irradiated with NIR light but the cancer 

cells remained alive. Only SKBR3 cells treated with the anti-HER2/SWNT 

complex showed the destruction of cancer cells after NIR radiation.  
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Figure 6.5: Fluorescence images of (a) SKBR3 cells treated with anti-
HER2/SWNT complex (b) SKBR3 cells treated with PL-PEG-COOH/SWNT (no 
antibody), (c) untreated SKBR3 cells (d) Receptor negative MCF7 cells treated 
with anti-HER2/SWNT complex. Cells with green fluorescence are alive and cells 
with red fluorescence are dead. 

 

6.3 Conclusion  

 In summary, preserving the electronic structure of SWNTs during 

dispersion and functionalization is critical for developing highly sensitive and 

selective sensors for early detection and selective destruction of cancer cells. In 

this work, the sensing complexes were constructed with a lipid-PEG polymer 

during the SWNT dispersion step. The PEG component not only imparts SWNT 

HER2 positive cell line treated by the complex

HER2 negative cell line treated by the complex

HER2 positive cell line treated by nanotube only

Untreated HER2 positive cell line

Cells stained green were alive and those stained red dead

(D) (C) 

(B) (A) 
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water solubility, it also confers the dispersed SWNTs biocompatibility and the 

ability to prevent nonspecific binding or attachment of other big molecules such 

as proteins, large amount of which exist in vitro and in vivo environments. The 

sensing complexes developed in this work have large potentials for in vitro and in 

vivo applications for early cancer diagnosis. 
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6.4 Experimental 

 

6.4.1. Reagents 

N-Hydroxysulfosuccinimide sodium salt (NHS), N-(3-Dimethylaminopropyl)-N’-

ethylcarbodiimide hydrochloride (EDC), MES hydrate buffer, were purchased 

from Aldrich and used as received without further purification. Highly purified 

single-walled carbon nanotubes (SWNTs) were prepared by the HiPCO process 

and obtained from Carbon Nanotechnologies. 1,2-distearoyl-sn-glycero-3-

phosphoethanolamine-N-[carboxy(polyethylene glycol)-2000] (ammonium salt) 

(PL-PEG-COOH) was purchased from Avanti Polar Lipids Inc. All solutions were 

prepared using deionized water (18.2 M) (Nanopore water, Barnstead).  

 

6.4.2. Dispersion of SWNTs into aqueous solution 

SWNTs were dispersed into aqueous solution using a method previously 

described by Kam et al. [4]. Briefly, single walled carbon nanotubes were 

suspended in an aqueous solution containing PL-PEG-COOH. The mixture was 

sonicated using a Sonics Vibracell (Model VCX 130) for 90 minutes. The 

sonication process was performed in an ice-water bath to prevent local heating of 

the CNT which may cause unnecessary scission of CNT. After sonication, the 

sample was centrifuged using a Beckman J2-21 centrifuge (Eppendorf 5415C) at 
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6000rpm to remove insoluble materials, leaving PL-PEG-COOH dispersed single 

walled carbon nanotubes (PL-PEG-COOH/SWNT). The PL-PEG-COOH/SWNT 

solution was dialyzed using an Amicon Ultra-15 centrifugal filter (Millipore) with 

0.1M MES buffer to adjust its pH to 4.5 prior to EDC coupling. The resulting 

solution consists of highly dispersed and functionalized PL-PEG-COOH/SWNT 

with a mass concentration of 200-400mg/L. The electronic structure of the 

dispersed PL-PEG-COOH/SWNT was characterized using UV-Visible 

spectroscopy. 

 

6.4.3. Conjugation of anti-HER2 IgY antibody 

Anti-HER2 igY antibody was conjugated onto SWNT surface by the following 

method: A solution of PL-PEG-COOH was mixed with NHS and EDC (2.5 to 1 

ratio) in 0.1M MES buffer (pH 4.5). The mixture was incubated for 1hr at room 

temperature. The mixture was dialyzed with a Microcon YM-50 centrifugal filter 

unit (Millipore) to remove EDC, NHS, and other byproducts. The purified and 

carboxyl activated PL-PEG-COOH was then redissolved in 0.1M MES buffer 

solution (pH 6.3). Afterwards, anti-HER2 IgY antibody, which was prepared as 

described previously [13], was added into the mixture and allowed to react for 

2hrs. The mixture was centrifuged at 18,000 g for 15 mins to remove unreacted 

materials. The precipitate was recovered and redissolved in 0.1M PBS buffer (pH 

7.4). The result is anti-HER2 igY antibody functionalized SWNT (anti-
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HER2/SWNT). The concentration of the antibody conjugated onto the SWNT 

surface was determined using BCA protein assay (Pierce, Rockford, IL) and was 

characterized using UV-Visible spectroscopy. 

6.4.4. NIR radiation of cancer cells using 
antibody/SWNT  

Two different breast carcinoma cell lines were used, SKBR3 and MCF7. The 

samples were irradiated with a Spectra-Physics diode laser for 2 mins using a 

laser diode wavelength of 808nm at 5.0 W/cm2. 

 

6.4.5. Characterization 

6.4.4.1. Raman Spectroscopy 

Raman spectra were acquired using a Kaiser Optical Systems Raman 

Microprobe. The spectra were collected using a 785nm diode laser over the 

range of 700-4000cm-1.  

6.4.4.2. Confocal laser scanning microscopy 

Samples were obtained using a Confocal Fluorescence Microscope (Leica TCS 

SP5, DM6000). A 405nm diode laser was used as the excitation source.  
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