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ABSTRACT OF THE THESIS 

SHALLOW-SUBSURFACE MICROBIAL ECOLOGY AND SEDIMENT-GROUNDWATER 

INTERFACE IN SULFATE-RICH PLAYA AT WHITE SANDS NATIONAL MONUMENT, NEW 

MEXICO 

 

By STEVEN RAMIREZ 

Thesis Director: 

Mihaela Glamoclija 

 

 The hypersaline sediment and groundwater of the playa Lake Lucero at the 

White Sands National Monument in New Mexico were examined for microbial 

community composition, geochemical gradients, and mineralogy during the dry season 

along a meter and a half depth profile of the sediment vs. the groundwater interface. 

Lake Lucero is a highly dynamic environment, strongly characterized by the capillary 

action of the groundwater, the extreme seasonality of the climate, and the 

hypersalinity. Sediments are predominantly composed of gypsum with minor quartz, 

mirabilite, halite, quartz, epsomite, celestine, and clays. Geochemical analysis has 

revealed predominance of nitrates over ammonium in all of the analyzed samples, 

indicating oxygenated conditions throughout the sediment column and in groundwater. 

Conversely, the microbial communities are primarily aerobic, gram-negative, and are 

largely characterized by their survival adaptations. Halophiles and oligotrophs are 
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extremely common throughout the samples. The very diverse communities contain 

methanogens, phototrophs, heterotrophs, saprophytes, ammonia-oxidizers, sulfur-

oxidizers, sulfate-reducers, iron-reducers, and nitrifiers. Overall diversity and biomass 

did not vary in a significant, consistent manner between the near surface, deeper 

subsurface, and groundwater. The dynamism of this environment manifests in the 

relatively consistent character of the microbial communities, where significant 

taxonomic distinctions were observed but the extent of phenotypic differences is 

uncertain. Therefore, sediment and groundwater substrates should not be considered 

as separate ecological entities. 
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Introduction 

 

Background 

 Hypersaline environments harbor diverse ecosystems that may range from soda 

lakes, saltpans, salars, hypersaline springs, playas, and ancient salt deposits [22, 50, 54, 

74]. Consequently, the ecology of hypersaline environments has been extensively 

investigated, especially the water column of playas, and the sediments after the wet 

seasons when organisms flourish [11, 41, 43, 50, 53, 66, 67]. Many studies have focused 

on different ecological and chemical aspects of the stratification of microbial mats [53, 

66, 67, 75] and only a few studies have examined the sediments and/or groundwater 

specifically [60]. In this study, we are focusing on a playa system; playas are 

intracontinental basins in which dry periods characterized by drought exceed wet 

periods characterized by precipitation and water inflow [10]. Due to the cyclic nature of 

these environments, the populations of microorganisms inhabiting them are composed 

of organisms that can survive drought as well as transient freshwater to saline and 

hypersaline conditions that alternate throughout the year [74]. From previous studies it 

is known that diverse microbial communities have been observed at similar 

environments with the phyla Bacteroidetes, Firmicutes, Actinobacteria, Proteobacteria, 

and Euryarchaeota generally being the most common [3, 11, 41, 43, 50]. Furthermore, 

halophilic microbes have been found to be particularly abundant [3]. The objective of 

this study is to investigate the composition of microbial communities living in playas 
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during the dry season under exclusively hypersaline playa settings along the steep 

subsurface environmental gradients.  

 The area being investigated is the White Sands National Monument (WSNM) in 

New Mexico, the site that contains the world’s largest gypsum dune field. To the west of 

the dunes is the Alkali Flat; a large, flat, and mostly unvegetated space that hosts about 

20 playas among which is Lake Lucero (Fig. 1). Lake Lucero is the largest among the 

playas, and it occupies the southern part of the basin [23, 35, 37, 54]. Since Lake Lucero 

is the lowest topographic point at WSNM, evaporites accumulate here and build thick 

deposits that result in a hypersaline environmental setting [23, 37]. Previous studies, 

including the analysis of the nearby WSNM dune deposits, have indicated the presence 

of Cyanobacteria as primary producers and as a diverse microbial community capable of 

cycling nitrogen and sulfur compounds [28]. Only few studies have examined the 

microbial ecology of Lake Lucero’s sediments and/or groundwater specifically [60]. Lake 

Lucero is a wet playa with the groundwater table relatively close to the surface; during 

the dry season surface moisture is provided by capillary action [10, 51, 57, 72]. This 

process provides much-needed water to microbial communities on the playa surface, as 

well as a geochemically active environment on the surface and subsurface that 

organisms can take advantage of [10]. The groundwater beneath Lake Lucero appears to 

be influenced by a regional groundwater system more so than the rest of the WSNM, 

which further contributes to the salinity [51]. The seasonal variations in water 

availability, wind erosion, and the hypersalinity pose potential challenges for life in this 

environment [2, 51, 78].  
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 This study aimed to evaluate variations in the microbial ecology along the depth 

profile, geochemical gradients, changes in mineralogy, and substrate (sediment vs. 

groundwater). The sampling was conducted during the dry season down the 1.25 m 

depth profile that ended with the hard crust of coarse gypsum immersed in ground 

water. We were curious to see how environmental parameters such as water 

availability, solar radiation, and geochemistry may influence the distribution of the 

organisms and to inquire as to which settings are important to the organisms living in 

these sediments. Halophiles, oligotrophs, and sulfur-cycling microbes were expected to 

be ubiquitous throughout both sediment and groundwater. We hypothesized that the 

Lake Lucero sediments would exhibit a change in the diversity and biomass between 

near-surface, deeper subsurface, and groundwater environments. We were also 

particularly interested in seeing whether groundwater contributes to the microbial 

diversity at the site or if these different substrates represent separate ecological 

entities.   
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MATERIALS AND METHODS 

 

Sampling Procedures 

 The sampling strategy aimed to assess the depth profile of playa deposits to 

capture different evaporation lithologies formed during the seasonal variations at the 

largest playa, Lake Lucero. The goal is to investigate different ecological niches and 

microbes associated with them along this depth profile. The sampling location (N 32° 

41.111'; W 106° 24.093' ±3m) is an approximate topographic low within Lake Lucero 

(Fig. 1) where the lake has had the opportunity to persist and the microbial communities 

had the most opportunity to colonize and diversify within these evaporitic sediments. 

Manual shallow drilling could not be performed due to sediment characteristics (too 

hard and sticky), so a manual auger device was used to sample a 125 cm deep 

lithological profile. The auger device was pre-cleaned to minimize contamination [18]. 

Within this profile, fourteen lithologically different samples of disturbed soil were 

collected, which were divided by depth as consistently as possible and then placed in 

Falcon tubes and sterile plastic bags. The water table was reached at 125 cm depth. The 

coarse gypsum was too hard to auger through so our sampling ended at this level. The 

groundwater within the drilled hole was left to settle until the next day. A manual pump 

was used to collect water samples into pre-cleaned, 4L carboys, and the samples were 

filtered within a few hours of the collection. Filters were placed in sterile tubes and all 

samples were kept in a refrigerator during the field session and during the 

transportation back to the laboratory, where they were then stored in the freezer at 
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20°C. Three other groundwater samples were collected from previously installed 

piezometers: one was taken from a southernmost location in Lake Lucero (N 32° 

42.167'; W 106° 26.960' ±3m), and two were taken from the dune field (N 32° 49.721'; 

W 106° 15.972' ±3m). Dune field piezometers were installed for monitoring of shallow 

and deep aquifers (see Table 1), this distinction refers not to literal depth but to the 

origin of the groundwater; the shallow aquifer sample is primarily meteoric and the 

deep aquifer sample is primarily from the brines.  

 

Figure 1: A map showing the WSNM area and sampling points. The red dot denotes the 
location where the sediment samples (1-14) and one groundwater sample (GW-1) were 
collected. The blue dots denote the location of groundwater samples in southern Lake 
Lucero (GW-2) and the dune field (GW-3 and GW-4). 
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Mineral Assemblages 

 Main mineral phases were identified by X-ray diffraction of powdered dry and 

dump wet samples using a Bruker D8 Advance Eco, equipped with a Cu-Kα radiation 

source and a LynxEye XE detector. Samples were afterwards analyzed using EVA 

software. Scanning Electron Microscope (SEM) with Energy Dispersive X-ray 

Spectroscopy (EDS) Hitachi S-4800 was used to search for the presence of microbial 

morphologies or biofilm and to analyze their elemental composition and minor mineral 

phases and precipitates. All fourteen samples were analyzed in triplicate. Once dried, 

the samples were coated with Iridium and analyzed. The SEM conditions were 25.0kV 

voltage, 20µA under standard vacuum, and working distance ranged from 9 to 13 mm.   

 

Geochemistry 

 All of the collected samples were analyzed for Mg, Sr, Fe, Na, K, and Ti 

concentrations using inductively coupled plasma optimal emission spectroscopy (ICP-

OES). Nearly 1 g (dry weight) of sample was mixed with repeated additions of nitric acid 

(20%) up to 10 ml (following acid digestion of soils) for 4 days with periodic sample 

shaking and heating [44]. Samples were filtered and the filtrates were diluted with 

deionized water and volumes brought up to 30 ml for ICP-OES analyses to adjust total 

acid to 3-5% (v/v) for ICP-OES analyses. The nitrogen nutrients from the deposits were 

assessed through colorimetric analyses of ammonium (NH4
+) and nitrate + nitrite (NO3

- + 

NO2
-) concentrations. The soil samples were prepared for the analysis by mixing 1 g of 

sample and 10 ml of 2N potassium chloride (KCl) and leaving the samples in the solution 
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for 24 h at room temperature while shaking periodically. The supernatant was decanted 

into clean Falcon tubes. 

 A range of 0, 5, 10, 25, 50 and 100 μM solutions were prepared for ammonium 

sulfate ((NH4
+)2SO4) and sodium nitrate (NaNO3) solutions to be used as standards. 

Absorbance of each sample was measured in triplicate using a GENESYS 10Bio 

spectrophotometer; 640 nm was used for ammonium and 540 nm for nitrate. The NH4
+ 

concentration of the extracts was determined by the alkaline hypochlorite/phenol 

nitroprusside method, after the addition of sodium citrate to prevent the precipitation 

of calcium and magnesium salts [64]. The NO3
- + NO2

- concentrations were measured 

using the Nitrate Test kit (LaMotte, MD) according to the manufacturer’s instructions. 

This method does not allow for separate NO2
- detection and therefore the results are 

reported as a sum of NO3
- and NO2

-, which will henceforth be referred to as “NO”. The 

kit contains a cadmium compound as a reducing reagent, which converts NO following 

the diazotization/coupling to form a pink color. 

 

Nucleic Acid Extraction and Polymerase Chain Reaction 

 DNA extractions were carried out using the MoBio PowerSoil DNA Isolation Kit. 

Modifications to the manufacturer’s protocol were made to improve the extraction 

efficiency. Samples were placed in the PowerBead tubes and vortexted for 5 minutes 

and then spun down, for the supernatant to be transferred into new PowerBead tubes. 

After adding 70µL of C1 solution (used for breaking down cell membranes) the samples 

were vortexed for 5 minutes and centrifuged for approximately 5 seconds and then 
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heated in an oven at 70°C for 30 minutes. After this, the C2 solution (used for removal of 

DNA inhibitors) was added and the manufacturer’s protocol was followed. All of the 

samples were extracted in triplicates to account for sample heterogeneity. Negative and 

positive extraction controls were used to ensure the extraction quality; negative 

controls did not contain any soil or groundwater and a dark, organic-rich soil from which 

DNA had previously been successfully extracted was used as a positive control for all 

samples.  

 Universal primers sets specific to the SSU rRNAs from all three domains of life 

(Eubacterial B27-F and 1429-R [13, 39], Archaeal 8A-F and 1513U-R [17, 30] and 

Eukaryal Euk1-F and Euk-R2 [55]) were used to determine their presence in each of the 

samples. PCR was performed using a Dyad Peltier Thermal Cycler with puReTaqTM 

Ready-To-GoTM PCR Beads (Amersham Biosciences, NJ) in a final volume of 25 µl 

(containing 1 µl of forward and reverse primers, 4 µl of nuclease-free water, and 20 µl of 

DNA template). PCR conditions were: 95°C for 2 minutes denaturation, 30-33 cycles of 

95°C for 15 seconds denaturation (this parameter was modified regularly, 32 cycles 

worked best for most samples), annealing at lowest temperature specific to each primer 

set for 30 seconds, extension of 72°C for 45 seconds, and afterward a final extension of 

72°C for 10 minutes. A previously analyzed sample with DNA was used as a positive PCR 

control, and a sample containing nuclease free water was used as a negative control. 

PCR products from all samples were viewed and analyzed using the Agilent 2100 

Bioanalyzer and Agilent DNA 7500 LabChip kit.  
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DNA Sequencing and Analysis 

 Illumina MiSeq sequencing was performed on all samples via paired-end 16S 

community sequencing using the bacteria/archaeal primers 515F/806R by Molecular 

Research LP (Mr DNA) [46]. The raw sequencing data were analyzed with Mothur v1.37 

[36]. Mothur parameters used included: quality filtration of sequences with (a) qaverage 

cutoff 25 and (b) two base pair mismatch in sequencing primers and one base pair 

mismatch in barcode, removed barcodes and sequencing primers, aligned unique 

sequences to the SILVA database (release 123), removed chimeras via UCHIME, 

clustered unique sequences to Operational Taxonomic Units (OTUs) using Average 

Neighbor algorithm, and a standard 97% confidence value [36]. The type of sequencing 

performed allows for accurate identification of bacterial and archaeal OTUs, and 

eukaryotic phylotypes, down to the genus level. Some OTUs were unclassified below a 

certain level. In such cases, the OTUs were characterized to the maximum level of detail 

possible; e.g. an OTU classified as “phylum: Proteobacteria, class: 

Gammaproteobacteria, order: unclassified Gammaproteobacteria” would be 

characterized as a Gammaproteobacteria, with all the traits that are known to be 

inherent to all species in that class (e.g. in this case, the OTU would be characterized as 

being gram-negative; this is a trait inherent to all Proteobacteria). 

 Mothur was used to calculate the diversity of the samples using the Inverse 

Simpson Index: a measure of diversity which takes into account the number of OTUs 

present, as well as the relative abundance of each OTU [48, 62]. In this calculation, all 

samples were normalized to have the same number of sequences. Samples that 
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contained little or no archaeal and/or eukaryotic DNA were assigned a diversity value of 

“0” for those domains. PRIMER-7 was used to provide visualization of community 

structures via UPGMA dendograms (Unweighted Pair Group Method with Arithmetic 

Mean) and further analysis regarding changes in microbial community structure with 

ANOSIM and SIMPER [9]. ANOSIM tests the null hypothesis that the average rank 

similarity between objects within a group and objects from different groups is the same 

by producing a p-value and a test statistic (R) between -1 and 1, where 0 indicates the 

null hypothesis is true and 1 indicates a high degree of dissimilarity [56]. SIMPER 

analysis facilitates the identification of OTUs that are responsible for contributing to 

community structure difference between individual samples and groups of samples [56]. 
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RESULTS 

 

Mineralogy  

 The sediments analyzed for this study are predominantly composed of 

gypsum(CaSO4•2H2O). The surface crust additionally has thenardite (Na2SO4), halite 

(NaCl), and a minor amount of clay minerals. Along the profile relatively minor amounts 

of epsomite (MgSO4•7H2O), glauberite (Na2Ca(SO4)2), celestine (SrSO4), and quartz (SiO2) 

are detected too (Fig. 2). Below the surface a light brown mixture of gypsum and clay 

are identified, at about 60 cm deep the reddish clays, rich in iron oxides, were detected, 

and at about one meter deep dark gray clay occurs and it becomes thick and sticky just 

above the coarse gypsum strata. The bottom two samples do not contain halite. The 

mineralogical observations reported here are generally consistent with those of 

Langford et al. [37]. No obvious microbial morphologies or biofilms were observed using 

SEM on the samples, indicating that there is very low biomass in all of the analyzed 

samples.  

 

Geochemistry  

 Ammonium and NO concentrations revealed that all of the samples had more 

NO than NH4
+ (Table 2, Fig. 2), indicating the presence of aerobic conditions throughout 

the depth profile and the potential presence of nitrifying organisms. The change in the 

NO concentration is evident at the 60 cm depth (sample 6), where NO concentrations 

drop below 10 ppm. A slight increase of NH4
+ was observed at 125 cm depth (sample 13, 
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the coarse gypsum submerged in the groundwater), however NO was still predominant. 

The concentrations of the examined ions throughout the sediment column (Table 2, Fig. 

2) revealed specific trends. Sodium and magnesium concentrations generally decrease 

with depth, which directly reflects the variety and contribution of salts other than 

gypsum to the examined lithologies. Sodium and magnesium may derive from the 

dissolution of halite, thenardite, epsomite, and glauberite. This is generally consistent 

with the expectation that evaporitic action would result in higher salinity at the surface 

[10].  

 

Figure 2: Depth profile illustrating the concentrations of elemental ions, ammonium, 
and nitrates (NO). 
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 Iron concentrations generally increased in deeper sediments and the same is 

true for titanium concentrations. The increase of Fe and Ti with depth may be related to 

the diagenetic processes and the presence of different clays (reddish, dark gray). For 

example, the change in concentrations of K, Mg, Na, and NO within horizons 

corresponding to samples 6 and 12 are characterized by the presence of sticky clays. 

Sticky clays have the capacity to act as a seal for water and change the local 

geochemical conditions, and likely microbial ecology too.  This is accomplished via 

specific adsorption of cations and the cation exchange capacity inherent to clay minerals 

due to their relatively high negative surface charge [38]. The K concentrations were 

relatively low and exhibited a trend similar to that of Fe, Mg, and Ti. The general 

changes in cation concentrations noted here are consistent with the observations made 

in SEM/EDS. Strontium in the samples is related to the presence of the mineral celestine 

(SrSO4), the detected concentrations are consistent with SEM/EDS observations as 

celestine is observed as a minor mineral component in the samples. It is likely that 

strontium concentrations would be higher during the wet season due to increased 

dissolution [31]. Additionally, the Sr component in these samples likely derives from the 

local groundwater brines that increase the salinity of this playa.  

 

Taxonomy 

 Overall 7627 bacterial OTUs, 541 archaeal OTUs, and 34 eukaryotic phylotypes 

were identified in the fourteen sediment samples and four groundwater samples. Based 

on the number of OTUs and raw sequences, Bacteria was the most dominant and 
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diverse domain, especially within the sediment column (Fig. 3 and 4). The most 

prevalent bacterial phyla were Proteobacteria, Acidobacteria, Actinobacteria, 

Bacteroidetes, Firmicutes, and Gemmatimonadetes (Fig. 3). The most dominant phylum 

was the highly diverse Proteobacteria, which accounted for 45% of all bacterial OTUs, 

especially the Gammaproteobacteria (55% of Proteobacteria OTUs) and 

Alphaproteobacteria (27%) [40].  

 

Figure 3: Phylum-level classification of bacterial data, 1-14 samples are from the 
sediment column and GW samples are groundwater. 
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Figure 4: Diversity of samples measured with the Inverse Simpson Index. Overall, 
bacteria were substantially more diverse than archaea and eukarya. Sample GW-4 
(shallow aquifer – dunes) had the highest bacterial and archaeal diversity of all the 
samples, while sample 5 was the least diverse. In the groundwater, diversity was higher 
for both archaea and eukarya but lower for bacteria (except GW-4). 

 

 Archaea had a marginal presence in most samples and were substantially less 

diverse than the bacteria (Fig. 5). The most prevalent archaeal phyla are Euryarchaeota 

and Thaumarchaeota (Fig. 5). Euryarchaeota alone constitutes ~72% of the archaeal 

OTUs; there are several halophilic genera within this phylum [40] so its substantial 

dominance in the archaeal community composition was expected. 
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Figure 5: Phylum-level classification of archaeal data, 1-14 samples are from the 
sediment column and GW samples are groundwater. Samples that contained little or no 
archaeal DNA are excluded. 
 

 The distribution of eukaryotes is relatively poor as they were only observed in 

three sediment samples and all the groundwater samples. The most prevalent 

eukaryotic divisions observed were Viridiplantae and Fungi (Fig. 6). The low quantity of 

eukaryotic sequences and their absence from many samples makes it unfeasible to 

examine trends in the community composition in much detail. The eukaryotic 

communities were very low in diversity, much lower than the other two domains (Fig. 

5). 
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Figure 6: Phylum-level classification of eukaryotic data, 1-14 samples are from the 
sediment column and GW samples are groundwater. Samples that contained little or no 
eukaryotic DNA are excluded. 
 

 The UPGMA dendogram was utilized to segregate the samples based on their 

microbial community structure, as determined by OTU abundance. For bacteria the 

UPGMA clustering was well-aligned with the differences in local habitat, although the 

deepest sediment sample (sample 14) was somewhat isolated from the others 

indicating that its community structure is different from the rest of the sediment 

column (Fig. 7). The SIMPER analysis showed that when compared to the other 

sediment samples, sample 14 had a higher abundance of OTUs that are classified as the 

genera Staphylococcus and Pseudomonas. Sediment and groundwater were found to be 

significantly different (the lowest dissimilarity value between any two groups in SIMPER 

was ~94%). UPGMA revealed that the playa groundwater samples (GW-1 and GW-2) and 
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dune groundwater samples (GW-3 and GW-4) were different from each other. The 

ANOSIM analysis confirms the UPGMA observation by producing a sample statistic (R) 

value of 0.99 with a p-value <0.001, which indicates that all the sample groups are 

extremely different from each other in terms of bacterial community structure. The 

SIMPER analysis revealed that the within-group similarities of samples are very low with 

the highest one being 21.36% for sediments, 8.99% for the dune groundwater group 

(GW-3 and 4), and 6.16% for the playa groundwater group (GW-1 and 2). The sediment 

group was differentiated from the other groups largely by OTUs classified as 

Acidimicrobiales OM1 clade, Pseudomonas, uncultured Sva0071 

(Gammaproteobacteria), Delftia (Betaproteobacteria), unclassified 

Gammaproteobacteria, and unclassified Actinobacteria. The dune groundwater was 

differentiated largely by OTUs classified as Pseudomonas, Sphingobium 

(Alphaproteobacteria), unclassified Rhodobacteraceae (Alphaproteobacteria), 

unclassified JG30-KF-CM66 (Chloroflexi), Seohaeicola (Alpharoteobacteria), and 

Methylotenera (Betaproteobacteria). The playa groundwater was differentiated by OTUs 

classified as Halomonas (Gammaproteobacteria), Marinobacter 

(Gammaproteobacteria), Thiomicrospira (Gammaproteobacteria), Sediminimonas 

(Alphaproteobacteria), uncultured E6AC02 (Bacteroidetes), unclassified 

Gammaproteobacteria.  
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Figure 7: UPGMA dendograms of bacterial (top) and archaeal (bottom) data based on 
OTU abundance. Blue is for sediment, red is for playa groundwater, and green is for 
dune groundwater. For bacteria, sediment samples 1-13 clustered together closely while 
14 (the deepest sediment sample) was further apart, indicating that bacterial 
communities at this depth differed somewhat from the communities higher in the 
column. Dune and playa groundwater samples clustered apart from the sediment 
samples and from each other. For archaea, samples 10 (sediment) and GW-3 (dune GW) 
are excluded due to having a low amount of archaeal DNA present. Most sediment 
samples clustered together with the exceptions of 7 and 13, which clustered further 
apart, and sample 12 which was individually isolated. The two playa groundwater 
samples were fairly similar in structure and the one dune groundwater sample was 
isolated from all other samples. 
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 Although the three major ecological groups remained separate from each other 

based on the archaeal dataset, the communities were more divided than the bacterial 

communities. (Fig. 7) The ANOSIM produced a sample statistic of 0.62 with a p-value < 

0.01, implying that the sample groups are moderately different in terms of archaeal 

community composition. However, this is skewed due to the significant separation 

within the sediment group; group-to-group comparisons in SIMPER showed that 

archaeal communities differed greatly between the different habitats just as the 

bacterial communities do (the lowest dissimilarity value between any two groups is 

~97%). Within-group similarities were low: 22.61% for sediments and 11.42% for the 

playa groundwater. The sediment group was differentiated from the others mainly by 

OTUs classified as unclassified Thermoplasmatales (Euryarchaeota), Marine Group I 

(Thaumarchaeota), and Halapricum (Euryarchaeota). The deep dune field aquifer 

sample was extremely differentiated due to OTUs classified as Marine Group I 

(Thaumarchaeota), unclassified Woesarchaeota (several OTUs), and an unclassified 

archaean. The playa groundwater was differentiated by OTUs representing unclassified 

ST-12K10A (Methanomicrobia), genus Candidatus Halonobonum (Euryarchaeota), and 

an unclassified archaean. 
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DISCUSSION 

 

Desert microbial communities strategically inhabit near-surface environments where 

they have the availability of sunlight and evaporation-based chemical disequilibria, 

additionally they are protected from the desiccation and UV radiation by a thin layer of 

sediment [40]. The newly collected data show that diversity increases in the sediment 

column towards the deeper parts (e.g. sample 9, about 90 cm deep), even though the 

apparent cause of disequilibria is lacking (e.g. evaporation). The taxonomic data show 

that aerobic organisms are likely the dominant constituent of the microbial 

communities, while anaerobes and microaerophiles have a relatively minor presence 

throughout the sediment column and groundwater samples.  Based on the 

predominance of NO over NH4
+ and the taxonomic data analyzed it appears that the 

environment is oxygenated throughout the depth column. The organisms observed here 

are generally consistent with those observed in other playas and hypersaline 

environments [3, 11, 42, 43, 50, 52].  

 

Halophiles  

 The hypersalinity strongly affects the microbial ecology and halophiles have a 

substantial presence in the examined Lake Lucero population. The archaeal OTUs 

identified are of the class Halobacteria, the order Methanomicobia (halophilic 

methanogens), and the phylum Nanohaloarchaeota; which is consistent with findings in 

other hypersaline environments where these groups are ubiquitous [14, 19, 25, 40, 53, 
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67]. The extreme acidophilic order Thermoplasmatales is identified with a significant 

presence in the sediments and is represented by uncultured groups. Some of the 

uncultured groups have been observed in a saline environment, which could explain 

their existence in Lake Lucero [40, 61].  

 Halophiles are present in all the dominant bacterial phyla: Proteobacteria, 

Actinobacteria, Firmicutes, Chloroflexi, and Bacteroidetes [40]. The purple sulfur bacteria 

order Chromatiales (Proteobacteria) contains some of the most extreme bacterial 

halophiles and has been observed in similar hypersaline environments [67]. A highly 

abundant (>10,000 sequences) halophile is the nitrite and nitrate-reducing genus 

Sediminimonas in the groundwater of southern Lake Lucero; this is one of the most 

abundant anaerobes observed in the data [79]. Halophiles observed in moderate 

abundance (5,000-10,000 sequences) include the genera Salinibacter, Staphylococcus, 

Streptococcus, and Nitriliruptor [2, 40, 42, 43].  Nitriliruptor are alkaliphilic [70]. Low 

abundance (1,000-5,000 sequences) halophiles include the genera Rothia, Kocuria, and 

Truepera [1, 8, 73].    

 The halophiles observed are diverse, and their distribution is relatively consistent 

which implies that there is no significant gradient of salinity in the sediment column. 

However, the most extreme halophiles (Halobacteria) have much lower abundance in 

the samples immersed in groundwater (samples 13 and 14). This observation, along 

with the lower concentrations of Na in these samples, implies that the salinity is likely 

lower at this depth horizon.  
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 The halophiles of Lake Lucero include the dominant phyla that have been 

observed in saline environments before and halophiles identified here are 

phylogenetically and metabolically diverse and predominantly aerobic, with some 

anaerobes present (e.g. methanogens and denitrifiers) [3, 5, 11, 42, 50]. The taxonomic 

data shows that the halophiles observed here contain groups capable of 

methanogenesis, phototrophism (e.g.purple sulfur bacteria), heterotrophism, ammonia-

oxidation, sulfur-oxidation, and possibly denitrification/DRNA (dissimilative reduction of 

nitrate to ammonium) Conversely, the hypersalinity inhibits the metabolic activity of 

purple non-sulfur bacteria (which are absent from the data) [66]. 

   

Nitrogen Cycle 

 Portions of the nitrogen cycle at Lake Lucero were assessed through the 

concentrations of NH4
+ and NO, and the OTU abundance data. A moderate amount of 

green phototrophic bacteria capable of nitrogen fixation have been observed in samples 

11-13 [76]. A small amount of nitrogen-fixing purple phototrophic bacteria are 

observed, mostly at the surface (sample 1) but also in samples 8, 11, 12, groundwater 

(GW-3), and the deep aquifer sampled at the dune field [76]. No other known nitrogen-

fixing microbes are explicitly identified. Denitrifying microbes are not explicitly 

observed, although the diverse genera Pseudomonas and Paracoccus both contain 

species capable of denitrification [12, 40]. A very small amount of anaerobic ammonium 

oxidizing (anammox) bacteria of the order Brocardiales are observed, exclusively in the 

deep aquifer of the dune groundwater [33]. Rhizobial genera are observed in large 
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amounts (mostly Bradyrhizobium) and are well distributed throughout the sediment 

column but with comparatively low abundance in groundwater [40]. The absence of 

observed plants here indicates that rhizobia likely live freely in the soil, in which state 

they cannot fix nitrogen [40]. 

 The distribution of green and purple bacteria in the sediment profile implies that 

nitrogen fixation likely occurs at the surface. This input of nitrogen into the system may 

be augmented by atmospheric deposition [21]. The distribution of ammonia-oxidizers 

generally mirrors that of the nitrogen fixers, as would be expected in a nitrogen cycling 

ecosystem. The small amount of observed nitrifying microbes are well-distributed 

throughout the sediment column, whereas denitrifying microbes are not directly 

identified. These observations, as well as the difference in NH4
+ and NO concentrations, 

indicate that the environment along the depth profile is aerobic and that nitrification 

processes are prevalent in this system. The nitrogen cycle of the sampled dune 

groundwater seems to be similarly driven mainly by nitrification, although the brine-

based groundwater is distinguished slightly by its anammox bacteria. Both NO and NH4
+ 

concentrations are generally low, as is typical in arid environments [40]. 

 The slight increase in NH4
+

 concentrations at the bottom of the sediment profile 

implies that denitrification and/or DRNA (dissimilative reduction of nitrate to 

ammonium) may be more important here than in the rest of the sediment column. It 

also correlates with the moderate abundance of Petrimonas in sample 11 (contains the 

species P. sulfuriphila which reduces elemental sulfur and nitrate and is a mesophilic 

anaerobe) and with the darker coloration of sediments at this depth, which implies that 
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there may be decaying organic matter present at this depth [29]. The decaying organic 

matter may have been increased in sediments 12 and 13 due to the presence of the 

sticky gray clay that may have acted as a seal and trapped the organics transported by 

groundwater. Coryneform bacteria are aerobic saprophytes that are present in low 

abundance at this depth; by degrading organic matter they release ammonium into the 

soil [40]. However, even in this part of the sediment column NO concentrations are still 

higher than NH4 concentration. Redistribution of the NH4 released by saprophytes 

through the capillary action of groundwater may account for the relatively consistent 

concentrations of this compound throughout the sediment column. 

 

Sulfur Cycle 

 The purple sulfur bacteria use H2S as an electron donor (or elemental sulfur if 

H2S is limited) and often rely on sulfate-reducing and/or sulfur-reducing microbes to 

produce H2S [40]. This may explain their presence in samples 11 and 12 as it coincides 

with the presence of the aforementioned sulfur-reducing Petrimonas in sample 11 [29]. 

Despite the abundance of gypsum only a small amount of sulfate-reducers and sulfur-

reducers are explicitly observed, although the highly abundant genus Pseudomonas 

contains species that are capable of sulfur-reduction (such as P. mendocina) [40]. The 

low abundance of sulfate-reducing microbes is due to the fact that this is primarily an 

aerobic setting, and there seems to be a shortage of organic matter to use as electron 

donors [40]. This can be inferred from the very infrequent observations of carbon in 

SEM/EDS and the absence of plants on the surface. Possible carbon sources would 



26 
 

 

include cellulose from fungi (observed in sample 4), chitin from the exoskeletons of 

arthtropods, and the phototrophic microbes observed in the sediment [40]. 

Nonetheless, the particularly low abundance of sulfate-reducers is surprising since the 

relatively minor presence of anaerobic microbes signifies that there must be localized 

anaerobic conditions throughout the sediment column, and sulfate would likely be an 

important nutrient source for these anaerobes. This is especially surprising in the 

deepest section of the sediment column, as the apparently greater amount of organic 

matter there could, theoretically, provide electron donors for sulfate reduction [40]. 

This seems to be one of the main differences between the sediments of Lake Lucero and 

hypersaline settings with microbial mats, as those environments generally have a higher 

abundance of sulfate-reducing bacteria because certain strains are able to coexist within 

cyanobacterial biofilm in aerobic settings [40, 53, 67].  

 Thiomicrospira is the only sulfur-oxidizing genus observed but it is highly 

abundant and mostly distributed in sample GW-1, with a minor presence at the surface 

[40, 68, 69].  It is possible that sulfate reducers are amongst the many unclassified OTUs 

present in the data or present within the genus Pseudomonas [40]. If this is the case, 

then sulfate reducers at the bottom of the sediment column may be producing enough 

H2S to nourish the large amount of sulfur-oxidizing Thiomicrospira at the sediment-

groundwater interface. The relative lack of sulfur-oxidizing microbes in the sediment 

column implies that the sediments generally have less reduced sulfur compounds than 

the groundwater, as would be expected in a primarily aerobic setting with a large 

amount of sulfate minerals. The presence of Chromatiales and Thiomicrospira at the 
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surface suggests that there is a source of reduced sulfur there. The minor presence of 

purple sulfur bacteria in the dune groundwater implies the same at that location. 

Nonetheless, it is clear that the sulfur cycle in Lake Lucero sediments is dominated by 

oxidative processes; which is consistent with the assessment of the nitrogen cycle and 

of the microbial populations. The verity of the original hypothesis that microbes 

involved in sulfur cycling would be abundant across all analyzed samples is uncertain, 

the taxonomic data implies that this is improbable but it is possible that some microbes 

may be using alternative metabolic pathways. 

 

Photosynthetic Microbes 

 A moderate amount of green non-sulfur bacteria (anoxygenic phototrophs found 

in a wide range of environments) and purple sulfur bacteria were explicitly observed but 

the phylum Chlorobi, which consists of green sulfur bacteria, is present in very low 

abundance [40]. Cyanobacteria are also observed in very low abundance. It is possible 

that the mixing effect of the groundwater capillary action limits the growth of 

phototrophs since it prevents the segregation of microbial communities which would be 

beneficial for them (e.g. as seen in microbial mats). This mixing would also have the 

potential to redistribute phototrophs to deeper levels of the sediment, which limits the 

consistency of their exposure to UV rays. Phototrophs inhabiting the deeper section of 

the column could be living in a state of dormancy; this is a survival mechanism often 

observed in extreme environments [34]. 
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Sediment-Groundwater Exchange  

 The mixing effect generated by the capillary action of groundwater, in 

conjunction with the climatic seasonal variability, makes Lake Lucero a very dynamic 

environment. This dynamism plays a significant role in structuring the microbial 

communities. Although the compositions of microbial communities identified within the 

sediments and groundwater differ significantly (see Fig. 7), it seems that the capillary 

action of the groundwater causes limited redistribution of microbes throughout the 

column. Therefore, the microbial communities are not strictly segregated by depth and 

some of the microbes appear to be displaced. An obvious example of this would be the 

presence of purple phototrophic bacteria deep in the sediment column, where they 

would have limited access to sunlight; they can survive under these conditions but 

cannot grow optimally [6]. The stable stratification seen in microbial mats in wetter 

settings cannot be maintained under these dry and occasionally moistened conditions, 

and thus the community composition in Lake Lucero seems to be markedly different 

from that seen in environments with a salt crust and microbial build ups. This is 

consistent with the findings of Canfora et al. that show that the presence or absence of 

such a crust is a significant differentiating factor amongst the microbial communities of 

saline environments [5]. 

 The effects of this capillary action on the microbial communities are apparent 

despite having sampled the sediment during the dry season when the capillary 

movements are minimal. Since capillary action is conditioned by the rate of evaporation 

at the surface, it is probable that the microbial communities would show more evidence 
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of groundwater-driven redistribution during the wet season when evaporation is higher 

[10]. This could be further exacerbated by the increased precipitation and subsequent 

flooding. However, it is possible that some microbes respond to the changes by entering 

a state of dormancy when nutrient availability is low and then emerging from this state 

when local conditions are more favorable for survival [35]. In such circumstances, 

seasonality might be reflected less in changes to the composition of the microbial 

communities but more in a shift between active and inactive community members. 

 

 Variation of Microbial Communities Along the Sediment Profile 

 Although the capillary action of groundwater limits microbial segregation, some 

trends can still be observed. The deepest part of the sediment column is characterized 

by sticky clays with trapped decaying organic matter which is inferred by the darker 

coloration of the sediment, the slightly higher concentrations of NH4
+, lower 

concentrations of NO, and the presence of saprophytes. However, the fact that NO 

concentrations are still higher than NH4
+ and that the saprophytes are low in abundance 

indicates that even at this depth, the playa sediments are still primarily an aerobic 

environment. Although not explicitly identified, sulfate-reducers may be present here in 

localized anaerobic niches and producing H2S that is then oxidized by the Thiomicrospira 

present in the groundwater.  

 Proteobacteria were present in all samples and became more abundant with 

increasing depth of the sediment column. They were more prevalent in groundwater, 

with the exception of the deep dune groundwater; in the shallow dune groundwater 
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this phylum composed more than 80% of the bacterial OTUs. This may be due to the 

gram-negative nature of the Proteobacteria; their cell walls would make them less 

susceptible to osmostic lysis caused by sudden influxes of water during the wet season 

[40]. The Gammaproteobacteria genus Pseudomonas has a large presence throughout 

all samples, especially in the sediment [40]. SIMPER analysis showed that OTUs 

identified as Pseudomonas were significant differentiating factors for sample 14 and for 

the dune groundwater samples. However, the significant metabolic diversity of this 

particular genus makes it difficult to draw conclusions from this observation without 

species-level identification of the OTUs and/or a more in-depth analysis (e.g. RNA 

sequencing). Conversely, Acidobacteria and Gemmatimonadetes were abundant in most 

sediment samples, but largely absent from groundwater samples. 

 Bacteroidetes display significantly greater abundance in the upper half of the 

sediment column, likely due to the increased availability of cellulose and chitin closer to 

the surface. Bacteroidetes are typically saccharolytic (specializing in the degradation of 

complex polysaccharides such as cellulose and chitin) [40], and polysachharides could be 

available at WSNM from the plants and arthropods that have been seen on and near the 

surface, as well as the fungi observed here [40, 71]. The Actinobacteria are similarly less 

abundant in deeper sediment samples, and even less abundant in groundwater samples. 

The most significant of these are the family Acidimicrobiales, in particular the OM1 

clade; the single largest OTU in the dataset belongs to this class (~102k sequences). They 

are more abundant in samples 1-13 of the sediment column than in sample 14 or the 

groundwater, as was shown via SIMPER analysis. This uncultured group of 
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Actinobacteria has been observed often in freshwater and marine environments and is 

thought to be oligotrophic and planktonic; it may be possible that they flourish during 

the wet season and are dormant during the dry season [27, 45, 49]. Conversely, the 

Firmicutes are generally more abundant in deeper sediment samples and have a 

marginal presence in the groundwater samples. 

 Another example of localized differences in community composition would be 

the bacterial phylum Chloroflexi, which is mostly present in samples 11-13 and in the 

groundwater beneath the sediment column. Their distribution in the sediment 

correlates with the increase in the concentrations of several cations in samples 11-13 

(Fe, K, Mg, Ti), the change in color (dark brown to black/dark gray), and direct exposure 

to groundwater capillary action. This could potentially be due to a higher availability of 

nutrients at this depth. Aside from the aforementioned green non-sulfur bacteria, the 

most abundant classes of the Chloroflexi are uncultured groups (JG30-KF-CM66 and 

S085) and unclassified OTUs. The Chloroflexi are, generally, more abundant in sediment 

than groundwater. They are particularly abundant in samples 11 and 12, where the 

abundance is driven mainly by the unknown OTUs and JG30-KF-CM66; this coincides 

with the occurrence of sticky clay and the concentration increases of several ions 

mentioned previously. The Chloroflexi abundance in sample 3 is driven by both 

uncultured groups. Less abundant classes include the Thermomicrobia (thermophilic 

green non-sulfur bacteria [40]) and Thermoflexia (thermophilic, microaerophilic, 

facultative anaerobic bacteria [16]). The large proportion of Chloroflexi with unknown 
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physiological roles generates significant uncertainty about what exactly is driving their 

observed distribution. 

 The analysis of groundwater samples shows that the microbial communities in 

the groundwater at WSNM differ greatly based on their local habitat (playa or dune 

field). Furthermore, groundwater samples differed greatly even within the same 

category (e.g. the two dune groundwater samples had low similarity) indicating that 

conditions are highly localized. For the dune groundwater samples the clearest 

distinguishing factor is the origin of the water. The microbial communities of the dune 

groundwater samples are largely differentiated from each other by Pseudomonas, 

Sphingobium, and the class Rhodobacteraceae which are significantly more abundant in 

the shallow aquifer. There are no OTUs that are significantly more abundant in the deep 

aquifer; however, some OTUs that are slightly more abundant there are Seohaeicola, 

Xanthomonas, and Tepidimonas. The only OTU that has a significant presence in both 

groups is denoted as Pseudomonas. The lack of species-level identification leaves some 

uncertainty, as there is no way of knowing which Pseudomonas species is more 

abundant in the shallow aquifer and which is abundant in both samples. This is further 

complicated by the high diversity of the family Rhodobacteraceae, and the fact that the 

genus Seohaeicola is part of the Rhodobacteraceae [7, 25]. Sphingobium and 

Tepidimonas are genera of obligate aerobes, so their high abundances indicate that 

both the shallow and deep aquifers must be primarily aerobic environments [7, 47]. 

Seohaeicola contain aerobic and anaerobic species, as well as moderate halophiles [79, 

80]. The presence of Xanthomonas, however, is surprising as these are plant pathogens 
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[59]. All of the genera noted here are gram-negative. Archaeal data is not available for 

the shallow aquifer, but for the deep aquifer a much higher abundance of 

Thaumarchaeota and Woesarcheota is seen here than in the playa groundwater or the 

sediment; this implies a higher amount of ammonia oxidation at this location. 

 The playa groundwater samples are also largely differentiated from each other. 

The groundwater below the sediment column (GW-1) has a much higher abundance of 

the genera Halomonas, Marinobacter, and Thiomicrospira while the groundwater in 

southern Lake Lucero (GW-2) is more abundant in Sediminimonas, Halobacteria, 

Methanomicrobia, and the uncultured E6ACO2 (Bacteroidetes). The only OTU abundant 

at both locations denotes an unclassified Gammaproteobacteria. As with the dune 

groundwater, gram-negative and aerobic microbes are prominent. Halophiles are 

abundant at both locations but the most extreme halophiles (Halobacteria) have a 

larger presence in GW-2, implying that this location may be more saline [32, 40, 81]. The 

abundances of Thiomicrospira and Sediminimonas implies that both locations are 

primarily oxidizing environments with readily available reduced compounds, although at 

GW-1 sulfur cycling seems to be more prominent and at GW-2 nitrogen cycling seems 

more prominent [40, 77]. 

 A moderate amount of methanogenic archaea are observed in the uncultured 

order STK1210A in the class Methanomicrobia [40]. The vast majority of these are in 

GW-2; methanogens have previously been observed in the groundwater of Lake Lucero 

[60]. Previous work has shown that hydrogenotrophic methanogens (such as the 

Methanomicrobia) tend to be inhibited in the presence of sulfate-reducing bacteria, as 
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these microbes consume acetate and H2 needed by the methanogens [25, 63]. This 

implies that GW-2 may contain a much lower amount of sulfate-reducers than the other 

samples, which is consistent with the previous interpretation that sulfur cycling is 

relatively less prevalent at this location. 

 The sediment samples are more consistent in their microbial communities but 

still mostly distinct amongst each other, especially sample 14 which is a relative outlier 

from the rest of the sediment column. The most significant difference is the negligible 

presence of Acidimicrobiales OM1 in sample 14 as opposed to its high abundance in the 

rest of the sediment. This reinforces the previous notion that these planktonic bacteria 

flourish during the wet season and lay dormant during the dry season, when they are 

redistributed throughout the sediment column via capillary action [27, 45, 49]. The fact 

that they are most abundant at the surface lends further credence to this notion, as this 

would be the ideal location for them if they are indeed surviving in this manner. Sample 

14 is also distinct due to its much higher abundance of Acinetobacter, a diverse bacterial 

genus of which most free-living soil species are saprophytes [15]. This would conform 

with the previously noted observation of saprophytes at this depth. Only Pseudomonas 

is identified as being consistently abundant throughout the sediment column. The 

archaeal communities were less consistent than the bacteria, sample 12 was isolated 

and samples 7 and 13 were paired while the rest of the samples grouped together in a 

dendogram (Fig 6). Samples 7, 12, and 13 all had a negligible abundance of 

Thermoplasmatales, while the other samples had them in high abundance. The samples 

7 and 13 also had a uniquely higher abundance of Thaumarchaeota (ammonia 
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oxidizers), while 12 was unique for its high abundance of the halophilic genus 

Halapricum [4, 65]. Although the clustering of the Halapricum population in sample 12 is 

curious, it implies that the communities in this sample are not too different from 7 and 

13 since halophiles are ubiquitous in all samples and Halapricum is not significantly 

different from other Halobacteria genera (furthermore, 7 has a high abundance of 

unclassified Halobacteria) [65]. Therefore, it seems that the biggest difference between 

the archaeal communities of samples 7, 12, and 13 and the rest of the sediment is the 

abundance of Thermoplasmatales. Considering that these are also most likely also 

halophiles, it seems that differences within the archaeal communities in the sediment 

samples are not significantly based on their phenotypic characteristics but more on 

specific taxonomic distinctions.  

 

Other Microbial Constituents 

 The genus Ralstonia is observed in high abundance, mostly at the sediment 

surface (samples 1 and 2) and the groundwater-sediment interface (samples 14 and 

GW-1), this may be due to the oligotrophic species R. pickettii, which is commonly found 

in water and soil [58]. The Gemmatimonadetes phylum is oligotrophic and highly 

abundant [20]. They are commonly observed in arid soils and are well adapted to living 

in low moisture conditions, but they are not well adapted to resisting wet-dry cycles; 

hence, they are observed with lower abundance at the surface and very low abundance 

in the groundwater [20]. The previously mentioned Acidimicrobiales OM1 are also 

oligotrophic [45]. The low amount of available nutrients in Lake Lucero makes this a 
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natural habitat for oligotrophs so it is not surprising that they are abundant and well-

distributed in this environment [40]. These conditions would also lend themselves well 

to the endospore-forming bacteria, however only a small amount of these are explicitly 

observed such as Bacillus and Peanibacillus (also capable of nitrogen fixation) [24, 40].  

 The abundance of explicitly identified iron-reducing microbes is extremely low 

(phylum Deferribacteres and the genus Shewanella), as would be expected based on the 

fact that this is primarily an aerobic environment and iron metabolizing microbes are 

typically anaerobic [40]. This is consistent with the identified low concentrations of iron 

in the sediment and the relatively infrequent observation of iron using SEM/EDS. 

However, the observed iron-reducers are mostly in samples 13 and 14, which does not 

conform with the characterization of iron in this system (concentration peak in samples 

11-12 followed by decrease in 13-14). Their absence in groundwater is consistent with 

the low concentrations of iron measured there previously (<1-2 mg/L) [51, 60], although 

it contrasts with the observation of iron-reducers in the groundwater by Schulze-

Makuch [60]. It is possible that these microbes are present amongst the unclassified 

OTUs in the groundwater; this would also explain their presence in the deep sediment 

samples.  
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CONCLUSION 

 

 The results reported here show that the sediment and groundwater of Lake 

Lucero is a highly dynamic environment, strongly characterized by the capillary action of 

the groundwater, the extreme seasonality of the climate, and the hypersalinity. This 

extreme environment harbors microbial communities that are primarily aerobic, gram-

negative, and are largely characterized by their survival adaptations. Halophiles and 

oligotrophs are extremely common throughout all samples, as anticipated. 

Furthermore, it is suspected that some community members may be using dormancy as 

a survival mechanism. These communities are very diverse and contain methanogens, 

phototrophs, heterotrophs, saprophytes, ammonia-oxidizers, sulfur-oxidizers, sulfate-

reducers, iron-reducers, nitrifiers, and denitrifiers. Contrary to the original hypothesis, 

diversity and biomass did not vary in a significant, consistent manner between the near-

surface, deeper subsurface, and groundwater. The dynamism of this environment 

manifests in the relatively consistent character of the microbial communities, where 

significant distinctions are more taxonomic than phenotypic; hence, the 

aforementioned substrates should not be considered separate ecological entities. An 

exception to this would be the minor shift observed in the deepest part of the column as 

the communities are affected by the presence of sticky clays, higher concentrations of 

various cations, and potentially decaying organic material. Saprophytes and Chloroflexi 

are more abundant here. The salinity appears be lower as well, as evidenced by the 
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decrease in the Na concentration and a lower abundance of extreme halophiles relative 

to the rest of the sediment profile. 

 

Appendix 1 – Tables & Figures 

Table 1: Groundwater field measurements. 

Sample Location Lake Lucero – 
Central (GW-1) 

Lake Lucero – 
South (GW-2) 

Dune Field – 
Deep Aquifer 
(GW-3) 

Dune Field – 
Shallow Aquifer 
(GW-4) 

Temperature (C°) 17.7 15.0 17.5 – 18.5  16.8 – 18.2 
pH 7.09 7.84 7.02 7.40 
Conductivity (µS) 59.0 139.9 37 11.98 
 

Table 2: Cation concentrations for the soil samples from White Sand Monument. The 
higher numbered samples are at lower depths (i.e. 1 is from the surface, 14 is from the 
groundwater). “BDL” stands for Below Detection Limit. The NO measurements include 
both NO3

- and NO2
-. 

Sample 
ID 

Fe  
(ppm) 

K  
(ppm) 

Mg  
(ppm) 

Ti  
(ppm) 

Sr  
(ppm) 

Na  
(ppm) 

NH4
+ 

(ppm) 
NO  
(ppm) 

1 17.58 13.26 247.18 BDL 83.44 345.77 1.50 23.06 
2 18.46 15.19 303.94 BDL 164.13 420.53 2.03 28.48 
3 21.83 13.85 318.02 BDL 49.58 317.13 2.01 33.77 
4 35.04 20.27 360.93 0.03 89.86 448.41 2.17 31.33 
5 37.79 2.08 243.52 0.34 60.52 277.20 2.22 37.51 
6 61.36 19.50 475.99 0.80 57.84 405.60 2.35 53.90 
7 38.41 15.59 225.29 0.76 52.78 242.68 2.08 31.29 
8 52.00 15.21 300.81 0.49 62.84 195.50 2.02 26.34 
9 54.77 13.24 131.71 0.38 45.04 108.81 2.13 16.65 
10 97.09 18.52 217.84 0.94 37.31 191.64 2.06 13.67 
11 185.42 35.13 295.29 2.67 59.30 229.74 2.39 16.81 
12 211.80 47.73 344.75 3.60 37.12 264.97 2.54 22.61 
13 38.60 13.24 126.90 0.30 65.71 106.59 2.59 15.46 
14 72.96 26.87 240.96 1.04 74.03 136.56 1.72 15.76 
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Figure 1: A map showing the WSNM area and sampling points. The red dot denotes the 
location where the sediment samples (1-14) and one groundwater sample (GW-1) were 
collected. The blue dots denote the location of groundwater samples in southern Lake 
Lucero (GW-2) and the dune field (GW-3 and GW-4). 
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Figure 2: Depth profile illustrating the concentrations of elemental ions, ammonium, 
and nitrates (NO).  
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Figure 3: Phylum-level classification of bacterial data, 1-14 samples are from the 
sediment column and GW samples are groundwater. 
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Figure 4: Diversity of samples measured with the Inverse Simpson Index. Overall, 
bacteria were substantially more diverse than archaea and eukarya. Sample GW-4 
(shallow aquifer – dunes) had the highest bacterial and archaeal diversity of all the 
samples, while sample 5 was the least diverse. In the groundwater, diversity was higher 
for both archaea and eukarya but lower for bacteria (except GW-4). 

 

Figure 5: Phylum-level classification of archaeal data, 1-14 samples are from the 
sediment column and GW samples are groundwater. Samples that contained little or no 
archaeal DNA are excluded. 
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Figure 6: Phylum-level classification of eukaryotic data, 1-14 samples are from the 
sediment column and GW samples are groundwater. Samples that contained little or no 
eukaryotic DNA are excluded. 
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Figure 7: UPGMA dendograms of bacterial (top) and archaeal (bottom) data based on 
OTU abundance. Blue is for sediment, red is for playa groundwater, and green is for 
dune groundwater. For bacteria, sediment samples 1-13 clustered together closely while 
14 (the deepest sediment sample) was further apart, indicating that bacterial 
communities at this depth differed somewhat from the communities higher in the 
column. Dune and playa groundwater samples clustered apart from the sediment 
samples and from each other. For archaea, samples 10 (sediment) and GW-3 (dune GW) 
are excluded due to having a low amount of archaeal DNA present. Most sediment 
samples clustered together with the exceptions of 7 and 13, which clustered further 
apart, and sample 12 which was individually isolated. The two playa groundwater 
samples were fairly similar in structure and the one dune groundwater sample was 
isolated from all other samples. 
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